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DMSO 兩 metabolism 兩 cold temperature adaptation

A

bundance of niches has long been thought to be a critical
limitation to species diversity within an ecosystem (1). Exploitation of unused or under-used niches is likely a driving force for
evolution within all scopes of biology, particularly on the microbial
scale. The incredible diversity of microbes from hydrothermal vent
systems to subglacial Antarctic lake environments is a testament to
metabolic innovation. Microbes are found essentially anywhere they
can take advantage of chemical gradients to generate energy by
using a diverse repertoire of biochemical tools.
Shewanella species have been isolated from many aquatic environments (2). The cosmopolitan nature of this species is likely
because of their incredible respiratory versatility. Various Shewanella strains are reported to use ⬇20 different terminal electron
acceptors for respiration (3). One of these compounds, dimethyl
sulfoxide (DMSO), is found in significant concentrations throughout aquatic environments, sometimes representing the most abundant methylated sulfur compound present (4). DMSO can be
produced from the photochemical oxidation of dimethyl sulfide
(DMS) (5), but the major source appears to be eukaryotic microplankton (6, 7). Another potential source is bacterial oxidation of
DMS to DMSO (8), although it is unclear whether this process is
significant in marine systems (9, 10). DMS can be produced both
from the reduction of DMSO and from the enzymatic breakdown
of dimethylsulfoniopropionate (DMSP) (11). DMSP, in turn, is
synthesized by a variety of marine microplankton as an osmoregulator (12), cryoprotectant (13), and radical scavenger (14). Globally, the DMSP兾DMS兾DMSO cycle is important with respect to
climate, because DMS is an antigreenhouse gas, directly impacting
cloud formation where it is produced in significant quantities (15).
Despite this importance, very little is understood regarding how
aquatic bacteria produce DMS through respiration of DMSO.
Although commonly thought to be a soluble compound (16),
DMSO can be associated with particulate material in marine
www.pnas.org兾cgi兾doi兾10.1073兾pnas.0505959103

systems (4, 7). Accessing this source of DMSO for respiration might
be difficult using traditional mechanisms. The DMSO reductase
enzyme in Escherichia coli (17) and Rhodobacter spp. (18) is
periplasmically located. Here we demonstrate that the DMSO
reductase in Shewanella oneidensis is localized to the outside of the
cell. The localization of this enzyme suggests that DMSO acquisition may be difficult in the environments Shewanella inhabits,
perhaps because of its physical inaccessibility or the challenge of
transporting it. We discuss how utilization of this compound by
Shewanella might influence the geochemical cycling of sulfur in
aquatic systems.
Results
Identification of Extracellular Respiration Gene Clusters in S. oneidensis. Bacteria like S. oneidensis have developed special metabolic

strategies to use poorly soluble substrates in anaerobic respiration.
For example, in respiring iron (Fe) and manganese (Mn) (hydr)oxides, S. oneidensis faces the challenge that these substrates are
effectively insoluble at near-neutral pH conditions, meaning that
the bacterium must deliver electrons to an extracellular oxidant. S.
oneidensis solves this problem by using a system that can be
described in three modules: an extracellular cell-associated terminal
reductase, an integral outer membrane anchor, and a periplasmic
electron carrier. Although several mechanistic questions regarding
the details of this process remain, results from many laboratories are
consistent with this model for Fe and Mn (hydr)oxide reduction in
S. oneidensis (19). We define the process of directly transferring
electrons to an acceptor located outside of the cell as extracellular
respiration. This metabolic strategy is clearly useful for respiration
of insoluble electron acceptors but could also be beneficial for
respiration of compounds toxic to the organism.
To further analyze the role of extracellular respiration in S.
oneidensis, we began by analyzing its genome for homologs of
proteins involved in this process. We identified four gene clusters
that could encode for extracellular respiratory processes (Fig. 1A).
The mtrDEF gene cluster is similar to the metal reduction gene
cluster (mtrC兾omcB, mtrAB); however, mutations constructed in
this locus do not affect metal reduction (20). The other two gene
clusters were similar to the mtr gene cluster in that they contain
genes predicted to encode proteins with significant similarity to
MtrA and MtrB (Fig. 1 A; proteins encoded by SO1427 and SO4360
are 73% and 65% similar to MtrA, and SO1428 and SO4359 are
54% and 43% similar to MtrB). Located downstream of these
homologs are genes predicted to encode DMSO reductase subunits
(DmsA, SO1429 and SO4358; DmsB, SO1430 and SO4359), suggesting that reduction of DMSO in S. oneidensis is an extracellular
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Shewanella species are renowned for their respiratory versatility,
including their ability to respire poorly soluble substrates by using
enzymatic machinery that is localized to the outside of the cell. The
ability to engage in ‘‘extracellular respiration’’ to date has focused
primarily on respiration of minerals. Here, we identify two gene
clusters in Shewanella oneidensis strain MR-1 that each contain
homologs of genes required for metal reduction and genes that are
predicted to encode dimethyl sulfoxide (DMSO) reductase subunits. Molecular and genetic analyses of these clusters indicate that
one (SO1427–SO1432) is required for anaerobic respiration of
DMSO. We show that DMSO respiration is an extracellular respiratory process through the analysis of mutants defective in type II
secretion, which is required for transporting proteins to the outer
membrane in Shewanella. Moreover, immunogold labeling of
DMSO reductase subunits reveals that they reside on the outer
leaflet of the outer membrane under anaerobic conditions. The
extracellular localization of the DMSO reductase in S. oneidensis
suggests these organisms may perceive DMSO in the environment
as an insoluble compound.

Fig. 1. Alignments of potential extracellular respiratory gene clusters. Genes
are color-coded for putative function in terms of extracellular respiratory
modules (white, periplasmic electron carrier; black, outer membrane anchor;
gray, extracellular cell-associated terminal reductase). (A) Alignment of gene
clusters predicted to encode extracellular respiration pathways in S. oneidensis. (B) Alignment of gene clusters containing homologues of DMSO reductases from sequenced Shewanella sp. and comparison to dmsABC from E. coli.
dms G and SO4361 and homologs are predicted to encode TorD-like molybdenum cofactor insertion chaperones, whereas dms H and SO4360 and homologs encode hypothetical proteins. All identified clusters contain genes
encoding homologues of MtrA and MtrB. S. frigidimarina, S. putrefaciens, and
Shewanella sp. MR-7 sequences were made available through the Integrated
Microbial Genomes database at the Joint Genome Institute (http:兾兾
img.jgi.doe.gov), and sequence for SAR-2 was from by Venter et al. (51).

respiratory process. Several additional sequenced Shewanella genomes contain similarly constructed gene clusters, implying a
similar mechanism for DMSO respiration (Fig. 1B). Shewanella
putrefaciens has two homologs of the periplasmic electron carrier
module (i.e., MtrA). Both S. oneidensis and Shewanella frigidimarina contain two clusters that potentially encode DMSO respiratory
proteins. Genes encoding homologs of DmsA or DmsB were not
detected in the genomes of Shewanella amazonensis, Shewanella
baltica, Shewanella denitrificans, or Shewanella sp. PV-4, and none
of these strains are capable of growing on DMSO (data not shown).
This correlation suggests that, if Shewanella species have the
capacity to respire DMSO, the genes encoding their enzymatic
machinery are organized in ‘‘extracellular’’ modules.
Analysis of Genes Encoding DMSO Reductase in S. oneidensis. Res-

piration of DMSO by bacteria has been studied predominantly in
two model systems, E. coli and Rhodobacter. In E. coli, DMSO
respiration is catalyzed by an enzyme complex, consisting of a
molybdenum cofactor-containing subunit (DmsA) and an ironsulfur cluster containing subunit (DmsB) (21, 22). This complex is
anchored to the periplasmic side of the inner membrane by a
membrane-spanning subunit (DmsC) (17). In Rhodobacter sphaeroides, a soluble periplasmic enzyme, lacking the iron-sulfur subunit, catalyzes the reduction of DMSO (18, 22). The genes found in
S. oneidensis are similar to those used by E. coli for DMSO
respiration (the proteins encoded by SO1429 and SO4358 are 59%
and 52% similar to DmsA, and SO1430 and SO4357 are 67% and
72% similar to DmsB). Both homologs of DmsA in S. oneidensis
(SO1429 and SO4358) contain twin arginine leader sequences at
their N termini, suggesting export into the periplasm through the
twin arginine translocation protein secretion pathway (23). No
homolog of dmsC from E. coli is present either in the gene clusters
4670 兩 www.pnas.org兾cgi兾doi兾10.1073兾pnas.0505959103

encoding putative DMSO reductases or in the genome itself (24).
Unlike the E. coli DmsA protein, SO1429 and SO4358 are predicted
to be lipoproteins (www.tigr.org). The outer membrane metal
reductase proteins (OmcA and OmcB兾MtrC) have also been shown
to be lipoproteins (25). This analysis is consistent with the hypothesis that respiration of DMSO occurs extracellularly, with the
DMSO reductase being tethered to the outer membrane by a lipid
modification and possibly associated with an MtrB-like outer
membrane protein.
We recently identified a locus in S. oneidensis that is required for
DMSO respiration (26). To further test the requirement for the
SO1427–SO1432 gene cluster for DMSO respiration and to eliminate the involvement of the SO4357–SO4362 gene cluster, we
monitored anaerobic expression of genes present in both clusters
using quantitative RT-PCR and generated mutations in SO1427
and SO1430. Gene expression was greatly induced under anaerobic
growth conditions for genes tested in the SO1427–SO1432 gene
cluster (7- to 25-fold) compared with a slight induction for genes
tested in the SO4357–SO4362 gene cluster (1.2- to 1.4-fold) (Fig.
2A). These results suggest that only the SO1427–SO1432 gene
cluster is required for anaerobic DMSO respiration. To test this
hypothesis, we analyzed three mutations: nonpolar in-frame deletions of SO1427 and SO1430, and a polar gene replacement of
SO1427 with a gene conferring kanamycin resistance. All three
mutant strains displayed a defect using DMSO anaerobically (Fig.
2B) but no defect using fumarate (Fig. 6, which is published as
supporting information on the PNAS web site). As suggested in ref.
26, the SO1427–SO1432 gene cluster should be referred to dmsEFABGH. Reverse transcriptase PCR experiments verified that
adjacent genes in this cluster are transcribed together (Fig. 7, which
is published as supporting information on the PNAS web site). The
severe defects of the dmsB (SO1430) deletion and the
dmsE(SO1427)::Km gene replacement strains demonstrate that
this gene cluster is required for DMSO respiration in S. oneidensis.
The partial defect observed in the dmsE (SO1427) deletion strain
indicates that this gene is required for maximal utilization of
DMSO. Moreover, this strain showed ⬇3.5-fold increase in DMSO
reductase activity (with an artificial electron donor; see Methods)
and ⬇2.5- to 4.5-fold increase in transcription of dmsFAB when
compared with wild type (Table 2, which is published as supporting
information on the PNAS web site). The correlation of increased
reductase activity with the increased expression of dmsFAB indicates that there is likely significantly more DMSO reductase (DmsA
and DmsB) protein present in the dmsE deletion strain compared
with wild type. We interpret the growth defect of this strain to be
a consequence of disrupting electron flow from CymA (24) to the
terminal DMSO reductase (see Discussion). Demonstrating that a
predicted periplasmic c-type cytochrome (DmsE) is required for
maximal DMSO reduction supports the hypothesis that this metabolism is an extracellular respiratory process in S. oneidensis.
DMSO Reductase Is Localized Extracellularly in S. oneidensis. To test
whether DMSO utilization is an extracellular respiratory process,
we took two approaches. First, we tested anaerobic growth of
mutants defective in type II secretion, which is the mechanism
Gram-negative bacteria use to translocate proteins across the outer
membrane from the periplasm (27). This system is required for
proper localization of the metal reductase complex in S. putrefaciens
strain 200 (28). All S. oneidensis strains defective in type II secretion
tested were able to use fumarate (Fig. 8, which is published as
supporting information on the PNAS web site); however, they were
defective in respiring DMSO anaerobically (Fig. 3). This result
suggests that extracellular localization of the terminal DMSO
reductase is required for maximal utilization of DMSO.
To directly test whether the DMSO reductase is localized to the
outer membrane, we visualized the location of the DmsB subunit.
DmsB was followed instead of DmsA because its localization should
be DmsA dependent because only DmsA has both a twin arginine
Gralnick et al.

translocation signal sequence and a lipoprotein attachment motif.
Therefore, if we were to find evidence for DmsB on the outside of
the cell, DmsA should be localized there as well. We constructed a
vector [pDMSB-hemagglutinin (HA)] to constitutively express a
modified version of DmsB containing a 3x epitope tag from the
hemagglutinin of the human influenza A virus (HA-tag) on the C
terminus of the protein (DmsB-HA). Western blots using cell
extracts verified that no endogenous S. oneidensis protein reacted
with anti-HA antibodies and that similar amounts of DmsB-HA
were detected under aerobic and anaerobic conditions (data not
shown). This construct complements the defect in DMSO respiration of the dmsB deletion strain, although not to wild-type capacity,
indicating that the HA-tag is interfering with some aspect (subunit
association, localization, cofactor assembly, etc.) of DMSO reduc-

Fig. 3. Type II secretion is required for maximal DMSO reduction. Anaerobic
growth of S. oneidensis strains with DMSO as the sole electron acceptor.
Strains are MR-1 (■), JG91 (gspE, Œ), JG92 (gspJ, F), and JG94 (pilD, ). Error
bars represent data range for duplicate cultures.
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tase activity (Fig. 9, which is published as supporting information on
the PNAS web site). In support of this idea, complementation of the
dmsB deletion strain by a wild-type copy of dmsB was comparable
with the wild type (data not shown). Normal growth profiles with
fumarate and oxygen eliminated the possibility that pDMSB-HA
simply caused a general growth defect (data not shown).
As discussed above, if the localization of DmsB-HA is dependent
on DmsA, anaerobic conditions will be required for proper localization because expression of dmsA is anaerobically induced (Fig.
2 A). To test this hypothesis and determine the localization of
DmsB-HA, we used immunogold labeled anti-HA antibodies to
probe both whole cells and cryo-ultrathin sections of bacteria, which
were then visualized with transmission electron microscopy. In
examining ⬇1,000 aerobically grown cells of a dmsB deletion strain
containing pDMSB-HA, significant labeling was never observed on
intact cells (Fig. 4A). Conversely, when the same strain was grown
anaerobically, the majority of cells (⬇50%) were strongly labeled as
shown in Fig. 4B. The remaining anaerobic cells showed either
more or less labeling than Fig. 4B. These observations were verified
by examining cryo-ultrathin sections of aerobic (Fig. 4C) and
anaerobic (Fig. 4D) cells. The following two significant observations can be made: (i) cytoplasmic DmsB-HA content is similar
between both aerobic and anaerobic samples (because of constitutive expression of dmsB-HA) and (ii) the cryo-ultrathin sections
provided substantially less outer membrane surface area for the
HA antibody to react with compared with whole cell labeling. No
labeling was detected in strains lacking the pDMSB-HA construct
under aerobic or anaerobic conditions (data not shown). These
results confirm the localization of the DMSO reductase to the outer
leaflet of the outer membrane, given that the antibody used is
unlikely to cross the outer membrane of fixed cells.
DMSO Reductase of S. oneidensis Is Protease Resistant. In an attempt
to further demonstrate the extracellular localization of the DMSO
reductase in S. oneidensis, we treated whole cells with proteases. If
the enzyme were indeed localized on the outside of the cell, the
protease should decrease DMSO reductase activity when compared with untreated controls. To our surprise, we found that
DMSO reductase activity in S. oneidensis was resistant to both
proteinase K (Table 1) and pronase (data not shown). This resistance was exhibited both in whole cells and in cell lysates. As a
control, fumarate reductase activity [a periplasmic enzyme in S.
oneidensis (29)] was monitored with and without protease with both
PNAS 兩 March 21, 2006 兩 vol. 103 兩 no. 12 兩 4671
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Fig. 2. Genes located in the SO1427–SO1432 gene cluster are anaerobically induced and specifically required for anaerobic growth by using DMSO. (A)
Quantitative RT-PCR expression analysis of representative genes within gene clusters containing homologues of dmsAB in S. oneidensis. Expression of each gene
was normalized to recA. (B) Anaerobic growth of dmsB (SO1430, }) and dmsE (SO1427, Œ) deletion strains were compared with a mutant containing a polar
insertion in SO1427 () and to wild-type MR-1 (■) using DMSO as the sole anaerobic electron acceptor. Error bars represent data range of duplicate cultures in
all experiments.

Fig. 5. Model for DMSO respiration in S. oneidensis. Arrows represent
pathway of electron flow. See text for discussion.

Fig. 4. Localization of DmsB-HA under aerobic and anaerobic conditions.
Localization of DmsB-HA was detected by using immunogold labeled anti-HA
antibody on whole cells grown aerobically (A) and anaerobically (B) and on
cryo-ultrathin sections prepared from cells grown aerobically (C) or anaerobically (D). (Scale bar: 200 nm.) Anaerobically grown cells used DMSO as the
terminal electron acceptor. Arrows point to examples of where DmsB-HA was
located.

whole cells and lysates (Table 1). As expected, 40% of the fumarate
reductase activity was eliminated in cell lysates after 1 h, yet DMSO
reductase activity was unchanged (Table 1), even after 5 h of
protease treatment (data not shown). DMSO reductase from E. coli
lysates showed a 25% decrease in enzymatic activity after 1 h (Table
1), suggesting either the DMSO enzyme complex from S. oneidensis
is protease resistant or is protected, possibly by the putative integral
outer membrane protein DmsF. Type II secretion mutations did not
influence protease degradation of the DMSO reductase, suggesting
that the complex is inherently resistant (data not shown). In the
environment, resistance to proteases would be a beneficial characteristic of an externally localized enzyme.
Extracellular Respiration of DMSO. It is logical to orient a reductase

on the outer leaflet of the outer membrane when the oxidant is
insoluble, as in the case of Fe and Mn (hydr)oxides. DMSO is
generally thought to be a soluble organic molecule that is highly
permeable to biological membranes (16), therefore, the periplasmic
localization of the DMSO reductases in E. coli and Rhodobacter is
not surprising. Why would S. oneidensis, and likely other Shewanella
spp. (Fig. 1), localize their DMSO reductase to the outside of the
Table 1. DMSO reductase from S. oneidensis is protease resistant
DMSO reductase activity
Protease addition
MR-1 cells
MR-1 lysate
E. coli lysate

⫺

⫹

Fumarate reductase
activity
⫺

⫹

1.21 ⫾ 0.11 1.24 ⫾ 0.02 9.29 ⫾ 0.58 7.69 ⫾ 1.85
1.00 ⫾ 0.18 1.06 ⫾ 0.17 17.9 ⫾ 0.47 10.5 ⫾ 2.02
0.46 ⫾ 0.02 0.35 ⫾ 0.00 3.16 ⫾ 0.08 0.22 ⫾ 0.03

Reductase activity reported as ⌬A600 per min per OD600. Average values and
standard deviations were generated from at least duplicate samples. MG1655
was the strain of E. coli used.
4672 兩 www.pnas.org兾cgi兾doi兾10.1073兾pnas.0505959103

cell? Insight into this question comes from considering where
Shewanella typically grows in the environment. S. oneidensis was
isolated from Oneida Lake in upstate New York (30), which
completely freezes over during the winter months (31). Moreover,
S. oneidensis has recently been shown to have the capacity to grow
aerobically at low temperatures (32), similar to many other Shewanella species (2, 33, 34). We determined that S. oneidensis could
grow anaerobically at 4°C with DMSO, showing only residual
growth with no electron acceptor added (Fig. 10, which is published
as supporting information on the PNAS web site). Although not
directly testing the hypothesis that extracellular respiration of
DMSO allows S. oneidensis to respire this compound at low
temperatures, it does demonstrate the capacity of the organism to
grow under these conditions. Given the prevalence of DMSO in
marine ecosystems (4, 6), and that most of the marine environment
exists at low temperatures, the ability of S. oneidensis to respire
DMSO extracellularly may confer a selective advantage for growth
in cold anoxic microenvironments, for reasons that will be discussed
below.
Discussion
Based on multiple lines of evidence, we have demonstrated that
DMSO utilization is an extracellular respiratory process in S.
oneidensis. A model for this process is presented in Fig. 5. We
propose that the path of electron flow from the menaquinone pool
(MQ) to the membrane-bound c-type cytochrome CymA (24)
continues through the putative periplasmic decaheme cytochrome
DmsE. The integral outer membrane protein DmsF could facilitate
electron transfer across the outer membrane by providing a channel
to mediate direct interaction between the extracellular DMSO
reductase and DmsE, similar to a model for metal reduction put
forward by Beliaev et al.储 Analysis of type II secretion mutants and
localization studies of DmsB in S. oneidensis provide evidence that
DMSO utilization is an extracellular respiratory process. It should
be noted that type II secretion mutants were not completely
defective in respiring DMSO, suggesting either an alternative
mechanism for protein translocation to the outside of the cell, or
that the reductase retains some capacity to function in the
periplasm. The latter case would require the DMSO reductase to
interact directly with DmsE (consistent with our model for electron
transfer) or potentially with CymA itself. The growth defect caused
by the dmsE deletion (Fig. 2B) clearly demonstrates a requirement
for the periplasmic electron carrier component of the system.
Additionally, this strain exhibits ⬎3-fold more DMSO reductase
储Beliaev, A. S., Marshall, M. J., Kennedy, D. W., Dohnalkova, A., Saffarini, D. A., Culley, D. E.,

Reed, S. B., Gorby, Y. A., Romine, M. F., Shi, L., et al. The Joint International Symposia for
Subsurface Microbiology and Environmental Biogeochemistry, 2005, Jackson Hole, WY,
poster.

Gralnick et al.

Methods

are provided in Table 3. Relative expression was standardized to
both recA and envZ expression, yielding similar fold differences.
Methyl Viologen-Dependent Terminal Reductase Assays. Oxygen-

limited S. oneidensis cultures were grown in 10 ml of LB medium
in capped 18 ⫻ 150 mm test tubes. The cultures were inoculated
from colonies and were incubated aerobically at 250 rpm (Innova
4430 incubator-shaker; New Brunswick Scientific) at 30°C for
8–12 h to an OD600 of 3.0–4.5. E. coli cultures were grown to an
OD600 of 0.5 in a Coy anaerobic chamber at 30°C with 30 mM
glycerol, 25 mM DMSO, and 5 mM fumarate in LM medium (44)
supplemented with 20% LB. S. oneidensis grown in this way
(lactate instead of glycerol) gave similar levels of activity to
oxygen-limited S. oneidensis cultures (data not shown).
Methyl viologen (MV)-dependent terminal reductase assays
were set up in the anaerobic chamber in screw-capped quartz
cuvettes. The assay contained 50 mM Tris䡠HCl (pH 7.5), 150 mM
MV, 25 mM DMSO or 10 mM fumarate, and 100 mM dithionite
in a final volume of 3 ml. The assays were started by adding 30
l of sample, capped and mixed by inversion, then followed
spectrophotometrically with absorbance readings taken every
10 s at 600 nm at room temperature outside the chamber.
Cultures or cell lysates were used undiluted or diluted with the
anaerobic Tris buffer to yield an assay that lasted for 150–300 s.
Rates were calculated from the slope of the decrease in absorbance over time, normalized to cell density.
Protease Treatments. Protease treatments were performed on

whole cells washed once with anaerobic Tris buffer or with cell
lysates prepared by centrifuging 500 l of culture and resuspending the pellet in 250 l of CelLytic Express solution (Sigma;
prepared at 50 mg兾ml in anaerobic Tris buffer) followed by
incubation for 15 min at room temperature. Samples of 100 l
of washed cells or cell lysates were incubated with 10 l of 10
mg兾ml proteinase K or pronase (prepared in anaerobic Tris
buffer) at room temperature in the anaerobic chamber for the
desired time. A control sample contained 10 l of the anaerobic
Tris buffer instead of protease.
Construction of pDMSB-HA. dmsB (SO1430) was PCR amplified

from S. oneidensis genomic DNA by using the primers dmsBEcoRI-N terminal (ATGAATTCATGACTCAACAAACACAATATG) and dmsB-BamHI-C terminal (ATGGATCCCACTTCTGCAGGGTTTAATAAT). The product was
digested with EcoRI and BamHI, gel purified and ligated into a
similarly digested plasmid derived from pBBR1MCS2 (45),
pLARS (L. E. P. Dietrich and D.K.N., unpublished work),
yielding pDMSB-HA. Expression of the insert is driven by the tac
promoter from pAK20 (46), and the product is fused to a 3x HA
epitope tag.

Media and Growth Conditions. Growth of S. oneidensis aerobically

and anaerobically was as described in ref. 26 or as indicated.
Generation of Mutations in S. oneidensis. Random transposon

mutagenesis was performed as described in ref. 42. Type II
secretion transposon mutants were isolated in a screen for
mutants defective in Fe-mineral [amporphous iron oxy(hydr)oxide] reduction (J.A.G. and D.K.N., unpublished work). Genes
disrupted by transposons were identified as described in ref. 42
and PCR verified. Directed mutagenesis was carried out as
described in ref. 43. The construction of the SO1427::Km strain
was described in ref. 26. Primer sequences used can be found in
Table 3, which is published as supporting information on the
PNAS web site.
Quantitative RT-PCR. Quantitative RT-PCR analysis of RNA

extracted from mid-logarithmic growing cells (OD600, 0.4–0.5)
was as described in ref. 26. Primer pairs used for this experiment
Gralnick et al.

Preparation of Cells for Immunogold Labeling and Cryo-EM. Strains

were grown aerobically or anaerobically to an OD600 between 0.4
and 0.5. One-milliliter samples were spun down and washed once
in 1⫻ PBS, then resuspended in 1 ml of 1⫻ PBS containing 0.5%
gluteraldehyde and 4% paraformaldehyde. Anaerobically grown
samples were prepared identically, except anoxic solutions were
used throughout, and manipulations were carried out in an
anaerobic glove box (Coy Laboratory Products, Ann Arbor, MI).
After preparation, anoxic samples were kept in closed microfuge
tubes until processed.
Cryo-Ultramicrotomy. Cryofixation and cryo-ultramicrotomy were
used to investigate the internal structure of the bacteria in their
near-natural state. Immunogold labeling was used to ascertain
the location of the DmsB-HA in transmission electron microscopy (TEM). Cryo-ultrathin sections of bacteria were obtained
following a modified procedure of Tokuyasu (47) and Zierold
PNAS 兩 March 21, 2006 兩 vol. 103 兩 no. 12 兩 4673
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activity over wild type (Table 2), likely masking a more severe
growth defect.
There are several reasons why an organism might localize a
terminal reductase on the outside of the cell. A simple explanation
is that the product, the substrate, or both, are toxic to the organism.
Localizing the reductase extracellularly would enable the cell to use
the substrate with minimal toxic exposure. Another possible advantage may be to optimize substrate utilization. For example, algae
and other eukaryotic microplankton are known to produce DMSO
in aquatic environments (6, 7), and strains of Shewanella have been
isolated from the surface of algae (35, 36). If positioning the DMSO
reductase externally allows Shewanella to more efficiently capture
DMSO, Shewanella might have a selective advantage for using this
substrate over other organisms with an internal DMSO reductase.
Positioning a terminal reductase on the outer leaflet of the
outer membrane is logical if the substrate is insoluble, as is the
case for Mn and Fe (hydr)oxides. The chemical properties of
DMSO suggest that it might be difficult to access under certain
environmental conditions. First, at high concentrations (⬎80%)
and at low temperatures (⬍15°C), the phase diagram of DMSO
predicts that it will be a solid (37). It is possible, albeit unlikely,
that sources produce DMSO in high enough local concentrations
that it could exist in the solid state. A more likely scenario is that
DMSO could exist in pseudoparticulate form by adsorbing to the
silicate and calcite surfaces of marine diatoms and coccolithophorids, given its strong capacity to adsorb to positively charged
surface (7, 16). Finally, cold temperatures may inhibit diffusion
of DMSO into the cell. Precedent for this exists in eukaryotic
cell-culture lines, where it has been shown that the permeability
of DMSO across membranes strongly decreases with decreasing
temperature (38, 39). If the same holds for bacterial membranes,
extracellular localization of the DMSO reductase could allow
Shewanella species to use DMSO under conditions where diffusion-dependent mechanisms would be inefficient.
The capacity to respire DMSO at low temperatures could
enable Shewanella species to directly contribute to the production of DMS in aquatic environments. DMS production is a
significant environmental concern because DMS is an antigreenhouse gas, directly impacting cloud formation and potentially
influencing global climate (15). DMSO is predominant in
aquatic systems in both soluble and particulate (algaeassociated) phases (4, 7, 9, 10). Anaerobic respiration of DMSO
by bacteria could be an important input into the marine DMS
budget in oxic waters, given that anoxic microenvironments exist
in marine snow aggregates (40, 41). It remains to be determined
whether the innovative strategy used by S. oneidensis to respire
DMSO in the laboratory extends to diverse bacteria in lowtemperature aquatic environments.

(48). A small pellet of bacteria was dispersed in a solution of 2.3
M sucrose in PBS for 1 h at room temperature. Five milliliters
of the solution was transferred onto a metal stub, rapidly frozen
by plunging into liquid propane cooled by liquid nitrogen, and
stored in liquid nitrogen before cryo-ultramicrotomy. The stub
was mounted on the specimen holder of a Ultracut-E ultramicrotome (Reichert) equipped with an FCS cryosystem. Cryoultrathin sections (70- to 100-nm thick) were cut from the frozen
pellet in a cryo chamber at ⫺120°C with a dry glass knife. The
sections were picked up with a gold loop filled with a 2.3 M
sucrose solution, transferred onto 200-mesh Cu TEM grids, and
kept on ice in a drop of PBS and 2.5% BSA兾2% casein兾0.5%
ovalbumin (BCO).

whole bacteria. Approximately 10 l of the original culture containing 0.5% gluteraldehyde and 4% paraformaldehyde was transferred to a formvar coated 300-mesh Cu TEM grid and washed
three times with PBS. Bacteria adsorbed on the formvar film were
exposed to 0.02 M glycine for 5 minutes to block nonspecific
labeling. The grids were washed with PBS and exposed to the
primary antibody for 5 minutes (1:1 dilutions), washed six times in
PBS, exposed to the secondary antibody conjugated with 10-nm
gold particles, and washed six times with PBS. The bacteria were not
stained with uranyl acetate to enable observation of the gold
particle on the whole surface of the bacteria in TEM.
All samples were imaged with TEM [FEI Tecnai (Eindhoven,
The Netherlands) 12 at 120 kV and JEOL JEM-2011 at 200 kV].
For additional details of sample preparation, see Griffiths et al.
(49, 50).

Immunogold Labeling. For immunogold labeling, the sections on the
grids were immersed in a PBS solution containing 0.02 M glycine
to block nonspecific labeling. Monoclonal anti-HA antibodies
(primary) were purchased from Sigma-Aldrich. The sections were
incubated with the primary antibody for 1 h (1:10 and 1:5 dilutions),
washed six times in PBS, incubated with the secondary antibody
conjugated with 10-nm gold particles, and washed six times with
PBS. To increase contrast, the cryo-ultrathin sections were stained
with a 2.5% solution of uranyl acetate for 2 min, rinsed with
deionized water, and transferred to a drop of methylcellulose
containing a 4% solution of uranyl acetate.
A similar procedure was applied for immunogold labeling of the
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