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Abstract

The precise mechanisms that lead to orthopedic implant failure are not well understood; it is 

believed that the micromechanical environment at the bone-implant interface regulates structural 

stability of an implant. In this work, we seek to understand how the 3D mechanical environment of 

an implant affects bone formation during early osteointegration. We employed two-photon 

lithography (TPL) direct laser writing to fabricate 3-dimensional rigid polymer scaffolds with 

tetrakaidecahedral periodic geometry, herewith referred to as nanolattices, whose strut dimensions 

were on the same order as osteoblasts’ focal adhesions (~2μm) and pore sizes on the order of cell 

size, ~10μm. Some of these nanolattices were subsequently coated with thin conformal layers of 

Ti or W, and a final outer layer of 18nm-thick TiO2 was deposited on all samples to ensure 

biocompatibility. Nanomechanical experiments on each type of nanolattice revealed the range of 

stiffnesses of 0.7–100 MPa.

Osteoblast-like cells (SAOS-2) were seeded on each nanolattice, and their mechanosensitve 

response was explored by tracking mineral secretions and intracellular f-actin and vinculin 

concentrations after 2, 8 and 12 days of cell culture in mineralization media.

Experiments revealed that the most compliant nanolattices had ~20% more intracellular f-actin 

and ~40% more Ca and P secreted onto them than the stiffer nanolattices, where such cellular 

response was virtually indistinguishable.

We constructed a simple phenomenological model that appears to capture the observed relation 

between scaffold stiffness and f-actin concentration. This model predicts a range of optimal 

scaffold stiffnesses for maximum f-actin concentration, which appears to be directly correlated 

with osteoblast-driven mineral deposition.

This work suggests that three-dimensional scaffolds with titania-coated surfaces may provide an 

optimal microenvironment for cell growth when their stiffness is similar to that of cartilage (~0.5–
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3MPa). These findings help provide a greater understanding of osteoblast mechanosensitivity and 

may have profound implications in developing more effective and safer bone prostheses.

Graphical abstract

Creating prostheses that lead to optimal bone remodeling has been a challenge for more than two 

decades because of a lack of thorough knowledge of cell behavior in three-dimensional (3D) 

environments. Literature has shown that 2D substrate stiffness plays a significant role in 

determining cell behavior, however, limitations in fabrication techniques and difficulties in 

characterizing cell-scaffold interactions have limited our understanding of how 3D scaffolds’ 

stiffness affects cell response.

The present study shows that scaffold structural stiffness affects osteoblasts cellular response. 

Specifically this work shows that the cells grown on the most compliant nanolattices with a 

stiffness of 0.7MPa expressed ~20% higher concentration of intracellular f-actin and secreted 

~40% more Ca and P compared with all other nanolattices. This suggests that bone scaffolds with 

a stiffness close to that of cartilage may serve as optimal 3D scaffolds for new synthetic bone graft 

materials.

Introduction

The number of expected osteoporosis-related fractures is predicted to grow by a factor of 7 

in the next twenty-five years because of a substantial increase in the ageing population. By 

2030, the demand for hip and knee replacements is predicted to increase by 174% and 

673%, respectively1. This tremendous need for bone prostheses has motivated significant 

research efforts to develop a more thorough understanding of properties of bone at each level 

of its hierarchy, with a focus on scaffold-osteoblast interactions at the cellular level2,3. 

Several types of bone grafting scaffolds exist. For example, autografts are bone replacements 

taken directly from the iliac crest of a patient and transplanted to the target site where they 

lead to osteointegration, osteoinduction and osteogenesis, which are necessary for a 

functional bone implant.

Autografts virtually eliminate the risk of implant rejection but they suffer from donor site 

morbidity and there is limited graft availability. Significant efforts have been directed at 

developing fully synthetic implants for more than five decades2. Commercially available, 

fully synthetic orthopedic implants are primarily manufactured out of stainless steel and 

titanium alloys to achieve the required fatigue strength, high strength-to-weight ratio, 
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flexibility, resistance to corrosion, and biocompatibility3. The stiffness of these materials is 

at least two orders of magnitude greater than that of cancellous bone, 0.04 – 1 GPa4. This 

discrepancy in stiffness between bone and the implant results in insufficient mechanical load 

transfer from the implant to the surrounding tissues, which leads to a phenomenon known as 

stress shielding. The bone adapts to these reduced stresses, relative to its natural state, by 

decreasing its mass, which prevents the bone from anchoring to the implant and leads to 

implant loosening and eventual failure.4–7 Hutmacher et al. postulated that an ideal implant 

should retain durability in the body and have mechanical properties that match those of the 

natural bone that is being replaced5. This remains to be demonstrated experimentally, 

especially at the cellular level.

To date, research on mammalian cells’ ability to exert forces onto a 2-dimensional substrate 

via stress fibers, which are bundles of polymerized actin, has shown that cells exhibit a bell-

shaped sensitivity to changes in substrate stiffness8,9. We hypothesize that adhesion and 

mineralization behavior of bone cells may also exhibit a sensitivity dependence on the 

stiffness of 3-dimensional (3D) scaffolds8,10,11,12. Identifying an optimal stiffness range for 

mineralization on 3D scaffolds has the potential to offer quantitative guidelines for the 

fabrication of bone implants that minimize stress-shielding while maximizing bone growth.

Challenges associated with fabricating complex three-dimensional scaffolds with strut 

dimensions on the same order as osteoblasts (~10μm) has rendered existing studies to be 

limited to a stiffness window ranging from ~10–200 kPa13–16. Most literature has been 

focused on studying cell behavior on either 2D substrates or on scaffolds with a narrow 

range of structural stiffness and strut size of at least one order of magnitude larger than the 

cell’s size which has made the cell-scaffold interaction virtually the same as that on a 2D 

substrate 5,13,15–19.

3D porous scaffolds with different pore sizes have been shown to offer an excellent platform 

to mimic natural physiologically relevant microenvironments18,20,21. For example, Raimondi 

et al. fabricated polymeric scaffolds and observed that a minimum pore size of 10μm was 

necessary to allow for cell infiltration into their scaffold18. Tayalia et al. utilized polymeric 

scaffolds and showed that cells are more uniformly dispersed inside scaffolds with pore sizes 

of 52μm compared to 12μm21. Harley et al. produced collagen–glycosaminoglycan scaffolds 

and showed that cell migration and cell speed increased by a factor of 2 when the scaffold’s 

pore size was reduced from 151 to 96 μm20,22–24. Most of these studies focused on 

investigating the relationship between porosity and cellular behavior, with some discussing 

cell behavior as a function of scaffold stiffness, which likely serves as a key factor in 

governing osteoblasts’ mineralization abilities25.

We focus on exploring the dependence of osteoblast-like cells (SAOS-2) on the structural 

stiffness of porous substrates with a constant pore size. We utilized two-photon lithography, 

sputtering and atomic layer deposition (ALD) to fabricate periodic, 3-dimensional cellular 

solids, referred to as nanolattices, with tetrakaidecahedral geometry, measured their 

structural stiffness, and populated osteoblast-like SAOS-2 cells onto them to study their 

behavior. The structural modulus of elasticity, or stiffness, E*, scales with the relative 

density, ρ̄, of a periodic cellular solid, as:
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(1)

where C is a geometry-dependent proportionality constant, Es is the elastic modulus of the 

solid that comprises the solid26,27 and m is a topology-dependent power law coefficient. The 

relative density is defined as the volume fraction of the solid material, Vs, divided by the 

representative volume of the unit cell, Vuc 28,29:

(2)

Relative density is a function of unit cell topology, mean pore size, U, and the ratio of beam-

length to beam-radius, L/R, as shown in Fig. 1(i). The relative density of the nanolattices in 

this work, calculated using Solidworks software (Dassault Systems), ranged from 0.14% to 

12.2%.

The pore size, U, was maintained constant at 25μm for all nanolattices in this work to isolate 

the effects of the scaffolds’ structural stiffness, which was varied by depositing different 

material coatings onto the original polymer nanolattices (Fig. 1). We were able to achieve a 

range of structural stiffnesses that spans over two orders of magnitude, from ~0.7 MPa to 

100 MPa, which covers a region that had not been previously explored: existing literature on 

scaffolds with similar sizes explored the stiffness range of ~10–200 kPa.

SAOS-2 cells were seeded on the nanolattices, and the cells’ f-actin concentration was 

measured after a 48-hour growth period in mineralization media. Longer periods of growth, 

up to 12 days, were conducted to characterize the relationship between scaffold stiffness and 

cells’ mineralization ability.

2. Materials and Methods

2.1. Sample preparation

All scaffolds were fabricated via TPL direct laser writing (DWL), which employs a 

femtosecond-pulsed laser that is rastered in space to selectively cross-link a negative tone 

photoresist, IP-Dip (Nanoscribe GmbH), into a designed structure. The resulting polymer 

nanolattices were subsequently coated with different materials to create scaffolds that are 

comprised of 4 different material systems shown in Fig. 1(i).

Material system (A) was fabricated by first coating the polymer scaffold with an 18nm-

thick layer of TiO2 deposited via ALD and then slicing off the sample edges along each face 

using a focused ion beam (FIB) (FEI Nova 200 Nanolab) at 30KeV and 5nA. The samples 

were then placed into an O2 plasma etcher at 0.6 mbarr and 100W (Diener GmbH) for 24 

hours to etch away the original scaffold and to produce a hollow TiO2 nanolattice (Fig. 1(ii), 

1(iv)). Material system (B) was fabricated using the same process as Material system (A) 

without etching away the polymer scaffold. Material system (C) was fabricated by 

sputtering a ~250nm-thick layer of Ti onto the original polymer scaffold and subsequently 
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coating it with an 18nm-thick layer of TiO2 deposited via ALD. Material system (D) was 

fabricated by sputtering a ~250nm-thick layer of W onto the original polymer scaffold and 

subsequently coating it with an 18nm-thick layer of TiO2 deposited via ALD.

Some of the original polymer nanolattices were used for fluorescence studies, which 

revealed the need to treat the polymer nanolattices with Sudan Black to suppress 

autofluorescence according to the protocol developed by Jaafar et al.30 (supplementary 

information, Fig. S1).

Sputter deposition was carried out using a magnetron sputterer (Temescal BJD-1800). 

Titanium was sputtered using RF power at 125W, a working pressure of 6mtorr, Ar pressure 

of 60sccm and table rotation set at 100%. An average Ti thickness of ~250nm was obtained 

after depositing for 140 minutes. W was deposited using RF power of 125W, a working 

pressure of 5mtorr, Ar pressure of 50sccm and table rotation set at 100%. An average W 

thickness of ~250nm was obtained after depositing for 140 minutes. The outermost 18nm-

thick TiO2 coating was deposited using ALD (Cambridge Nanotech S200) with H2O and 

Titanium Tetrachloride (TiCl4) precursors. A shadow mask was used to selectively coat Ti 

on system (C) and W on system (D) that are adjacent to each other on the SiO2 substrate 

(see supplementary material for details). Fig. 1(iii) provides a map generated by energy 

dispersive spectroscopy (EDS) that shows the distribution of Ti and W in material systems 

(C) and (D). The spraying effect inherent to sputtering deposition was minimized to ~15μm 

by reducing the size of the shadow mask’s deposition window to 120μm × 120μm.

To mimic the porous structure of cancellous bone we chose a tessellated tetrakaidecahedral 

unit cell geometry (Fig. 1(i)) which had circular beams of length L = 8.33μm and a radius R 
= 1μm for material system (A) and (B) or R = 1.5μm for material systems (C) and (D), and a 

unit cell size U = 25μm for all material systems (Fig. 1(i)). Each nanolattice contained 8 

(length) x 8 (width) x 2 (height) unit cells, and each sample contained 4 nanolattices 

arranged in a linear sequence from material system (A) to (D) to establish a stiffness 

gradient (Fig. 1(ii)). The nanolattices were separated by 10μm to allow for precise and 

selective sputter coating (Fig. 1(iii)).

2.3. Nanomechanical Experiments

All nanolattices were uniaxially compressed to a maximum strain of 50% at a strain rate of 

10−3 s−1 in •a nanoindenter (G200, Agilent Technologies). The load vs. displacement data 

collected by the nanoindenter was converted into engineering stress vs. strain. Engineering 

stress was calculated using σ = F/A, where F is the applied load and A is the footprint area 

of the nanolattice, and global compressive strain, ε, was calculated as ε = (Hf−Hi)/Hi where 

Hi is the initial height of the nanolattice measured from SEM images and (Hf−Hi) is the 

displacement recordered by the nanoindenter. The structural stiffness of the nanolattice, E*, 
was calculated as the slope of the elastic loading portion of the data, which is indicated by 

the dashed black line in Fig. 2(ii):

(3)
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2.3. Cell Culture

All in vitro experiments were performed using the SAOS-2 cell line from ATCC. Cells were 

cultured in 100 mm dishes. DMEM, supplemented with 10% fetal bovine serum (FBS), 

2mM L-glutamine, 100 U ml−1 penicillin and 100 μg ml−1 streptomycin, were used as the 

culture media. Media was replaced every 2 days, and cells were split every 4–5 days using 

Accutase Cell Detachment Solution. Differentiation media consisted of DMEM low glucose, 

with 10% FBS, 2mM L-glutamine, 100 U ml−1 penicillin and 100 μg ml−1 streptomycin, 10 

mM - glycerophosphate, 100 nM dexamethasone, and 50 μM ascorbic acid.

For immunostaining experiments (subset 1), cells were seeded onto the nanolattices from 

each material system at a density of 12,000 cells/cm−2 and grown for 7 days, after which 

they were transferred into mineralization media and cultured for additional 2 days. Samples 

were then washed three times with PBS and fixed with 4% paraformaldehyde for 15 

minutes. Samples were washed again with PBS and blocked with 1% BSA in PBS for 30 

minutes. Anti-vinculin diluted in blocking buffer was then added to the cells and incubated 

overnight at 4°C, and samples were washed three times again with PBST incubated with 

phalloidin-555 and a 647-conjugated secondary antibody at room temperature for three 

hours. After the final wash with PBST, the cells were imaged with a confocal microscope 

(Zeiss LSM 710).

For mineralization experiments (subset 2), cells were seeded onto different nanolattices from 

each material system at a density of 12,000 cells/cm−2 and allowed to proliferate for 14 

days. Cells were then transferred into mineralization media and cultured for additional 8 or 

12 days. These samples were also washed three times in PBS and fixed in 4% 

paraformaldehyde for 15 min. After fixation, and one more wash with PBS, the cells were 

incubated in serial dilutions of ethanol for 10 minutes each.

2.5. Cell imaging and Secretions Characterization

After the cells from subset 1 were grown on the nanolattices for 2 days in mineralization 

media, they were imaged to quantify the amount of fluorescence from f-actin and vinculin 

staining. Samples were imaged in a Zeiss LSM 710 confocal microscope using a 20x, NA 

0.8 lens, which offered the highest magnification to image the entire nanolattice. Z-stack 

images were captured at a constant spacing of 1μm and a total height of 55μm and were used 

to calculate the maximum projected intensity using software ImageJ. To quantify the relative 

amount of fluorescence from every material system, fluorescence data from each individual 

chip was normalized by the fluorescence intensity of material system (A). A total of 5 chips 

were used to determine error in fluorescence experiments.

To quantify their propensity for mineralization, SAOS-2 cells from subset 2 were subjected 

to serial dilutions of ethanol in phosphate buffered saline until 100% ethanol was attained 

and then processed in a critical point dryer (Tousimis 915B). Cell secretions were 

morphologically and spectroscopically analyzed using a scanning electron microscope 

(SEM, FEI Nova 200 Nanolab) equipped with an EDS module (EDAX Genesis 7000). EDS 

parameters were adopted from Maggi et al.19, and 3 scans per nanolattice were taken to 

ensure current stability. Raman analysis of cell secretions deposited onto the nanolattices 
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was carried out using a micro Raman spectrometer (Renishaw M1000) with a laser 

wavelength of 514.5 nm and a power density of 130W/cm2.

2.6. Statistical Analysis

All cell fluorescence experiments were run in 5 replicates. Each sample contained all four 

material systems, and all fluorescence intensity measurements were normalized by that of 

the most compliant material system (A). This process was repeated for all 5 samples. 

Fluorescence intensity results were expressed as the mean fluorescence for each material 

collected from these 5 samples. The error was obtained by calculating the standard error for 

each material system.

All EDS experiments were run in triplicate. Similarly to the fluorescence analysis, the x-ray 

signal intensity was normalized by that of the most compliant material system (A). The error 

was obtained by calculating the standard error for each material system.

Compression experiments were performed in 4 replicates for each material system to 

determine the elastic modulus and compressive strength for each material system. Elastic 

modulus and compressive strength results were expressed as the mean of 4 compression tests 

and standard deviation was used to calculate the error associated with the measurements that 

were taken.

3. Results

3.1. Nanomechanical Experiments

We performed quasi-static uniaxial compression experiments to ~50% global uniaxial strain 

to determine the effective structural stiffness and deformation characteristics of each 

nanolattice. Fig. 2 shows SEM images of nanolattices from each material system before and 

after the compression, as well as the corresponding stress vs. strain data.

The stress-strain data for all samples contains a short initial non-linearity, or toe region, 

which is primarily caused by a small misalignment between the compression tip and the top 

surface of the nanolattice. The stiffer material systems (C) (polymer/Ti/TiO2) and (D) 

(polymer/W/TiO2) exhibited a toe region up to 1% strain; the toe region in more compliant 

systems (B) (polymer/TiO2) and (A) (hollow/TiO2) extended to 3% strain. A linear elastic 

region, indicated by the dashed slopes in Fig. 2(ii), followed the toe region, and was used to 

calculate the effective structural stiffness, E* 31,32. The post-elastic behavior varied 

depending on the constituent material of the nanolattice. Fig. 2(iii), which shows post-

compression SEM images of a representative nanolattice from each material system, reveals 

that all the composite systems (B, C, and D) experienced catastrophic brittle failure at a 

strain of ~9%, ~13% and ~18% respectively; the hollow material system (A) deformed in a 

ductile-like fashion with discrete serrations that correspond to individual layer buckling 

events (Fig. 2(ii)-inset). Table I summarizes the moduli, E*, and compressive strengths, σf, 

for all material systems, which span more than two orders of magnitude.
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3.2. Cell experiments: f-actin & vinculin fluorescence microscopy

SAOS-2 cells were cultured on the nanolattices to determine the effect of substrate stiffness 

on the production of stress fibers and focal adhesions by the cells. After 2 days of growth in 

mineralization media, the actin fibers (f-actin) were stained with phalloidin (red) and the 

focal adhesions were stained with anti-vinculin antibodies (green) to quantify their amounts 

via fluorescent experiments (Fig. 3).

Fig. 3 shows the results of the fluorescence experiments. A schematic representation of each 

individual material system is placed directly above the image that was generated via 

fluorescence microscopy for that specific material system (Fig. 3(i–ii)). Fig. 3(iii) reveals the 

presence of ~20% more f-actin on the most compliant nanolattice (A) compared to that on 

the other material systems (B–D), all of which displayed similar levels of relative maximum 

intensity of f-actin. Fig. 3(iv) shows vinculin staining, which revealed no significant 

differences in focal adhesion concentration across the four material systems.

Merging the signal from phalloidin (Fig. 3(i)) and vinculin staining (Fig. 3(ii)) produced the 

images in Fig. 3(v), which show the amount of co-localization (yellow color) between f-

actin and focal adhesions in the nanolattices. These images reveal uniform distribution of co-

localized f-actin and focal adhesions along the z-axis with no apparent location preference 

within the nanolattice. A qualitative analysis also revealed higher levels of co-localization on 

the nanolattices compared to the flat substrate (Fig. 3(v)). The footprint area of the 

nanolattices occupied ~0.2% of the total sample area which made it impossible to physically 

separate the cells attached to the nanolattices from those on the neighboring flat substrate 

and to perform more quantitative biological assays.

Sudan Black was not able to suppress the inherent autofluorescence of the nanolattice 

polymer at wavelengths shorter than ~400nm, which rendered nuclear staining, such as 

DAPI, ineffective in revealing meaningful information about the number of cells on each 

nanolattice.

3.3. Cell experiments: cellular secretions characterization & quantification

Fig. 4 shows SEM images of SAOS-2 secretions on the nanolattices after a growth period of 

8 and 12 days in mineralization media.

These experiments reveal that SAOS-2 cells deposited organic and mineral compounds on 

all nanolattices after growing in mineralization media for 8 and 12 days. SEM images in Fig. 

4(i–vi) demonstrate the presence of a continuous matrix interspersed with ~50–100nm-

diameter filaments that are indicated by arrows in Fig. 4(iii, iv, viii). The mineral deposits, 

indicated by arrows in Fig. 4(v, vi, ix), appear to have two dominant morphologies: (1) 

spherical clusters with diameters of ~2–15μm (Fig. 4(v, vi)) that are composed of (2) smaller 

aggregates ranging from ~300nm–1μm (Fig. 4(ix)). These smaller aggregates were also 

present as a continuous coating on the nanolattice beams (see supplementary information for 

more details).

Raman spectroscopy performed on the organic phase revealed peaks at 854 cm−1 and 879 

cm−1, which most probably correspond to proline and hydroxyproline, respectively, and 
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suggest the presence of collagen molecules. The spectra taken from the mineral phase 

exhibited a peak at 962cm−1 (Fig. 4(vii)), which is likely representative of some form of 

bioapatite.

Fig. 5 shows the results of the EDS analysis performed on the scaffolds after 8 and 12 days 

of cell growth in mineralization media. Nanolattices made from all material systems 

revealed the presence of C, O, Na, Mg, Ca and P.

EDS spectra of all samples after 8 days of growth reveal the relative intensity of C to be a 

factor of ~3 higher than those of P and Ca (Fig. 5(i)). EDS spectra after 12 days of growth 

reveal the amount of C to be ~6% lower than that of P and ~29% higher than that of Ca in all 

samples (Fig. 5(ii)). Fig. 5(iii–vi) displays the relative intensity of Ca and P after 8 and 12 

days of cell growth as a function of nanolattice stiffness. The data from each sample was 

normalized to the corresponding element intensity on the most compliant material system 

(A). The intrinsic inability of EDS detectors to reliably capture light elements (Z < 11) limits 

the accuracy of quantifying the concentration of C. This analysis reveals that after 8 days, 

the hollow, most compliant material system (A) had ~40% more Ca and P compared with 

those on stiffer material systems (B–D), all of which displayed similar levels of Ca and P 

(Fig. 5(iii, v)). After 12 days, a less drastic difference in Ca and P concentration across the 

material systems was observed. Material system (A) displayed ~15% more Ca and P 

compared with material system (B), and material system (B) displayed ~10% more Ca and P 

than material systems (C) and (D) (Fig. 5(iv, vi)). These results show that material system 

(A) with the lowest structural modulus of 700kPa, had the highest amounts of f-actin and 

mineral deposits (Ca, P).

4. Phenomenological Model

To explain the observed higher cellular activity on the most compliant 3D substrates, we 

propose a simple qualitative phenomenological model that is aimed to relate f-actin 

concentration to substrate stiffness. The ability of a cell to respond to external mechanical 

stimuli depends on highly interconnected and coordinated networks of signaling events that 

regulate cell adhesion. Mammalian cells attach to a substrate by reorganizing their 

cytoskeleton, which is a complex, highly heterogeneous and dynamic system that undergoes 

constant rearrangement. Multiple components play important roles in cystoskeleton 

rearrangement. Following the approach of Ingber (1997)33, in this model we treat the 

cytoskeleton as a network of microfilaments and microtubules that distribute forces within 

the cell through a balance of compression and tension without taking into account more 

detailed structures33. We setup the model by employing the following elements involved in 

cell adhesion: (1) a “sticky” element, focal adhesions, (2) an active force-generating 

element, f-actin, and (3) a compression element, microtubules.

Focal adhesions, which induce monomeric actin (g-actin) to polymerize into f-actin that can 

autonomously contract, are the anchor points of the cell to the substrate. F-actin pulls on the 

substrate by using integrins, or transmembrane proteins that serve as adhesive elements 

between the substrate and the cell. Rod-like protein complexes, or microtubules, resist this 

actin-driven cell and prevent cell collapse34,35.
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Existing models treat actin filaments and microtubules as linear-elastic solids, which predict 

a linear relationship between f-actin concentration and substrate stiffness36,37. This linear 

relationship saturates when the maximum biologically-allowed concentration of filamentous 

actin in the cell is reached (~60uM)38. These models accurately describe the interactions 

between f-actin and microtubules and do not account for the integrins, which play an 

important role in cell attachment and migration34.

Following the approach of De Santis, et al.39, who treated the cellular mechanical elements, 

f-actin and microtubules, as linear elastic springs, we developed a model that accounts for 

the f-actin-integrin-substrate interaction. In this model, the cells are in quasi-static 

equilibrium with the substrate, and the force generated by the filamentous actin (FFA), which 

is a function of the force developed in the integrins (FIT), is balanced by the compression of 

the microtubules (FMT), and the traction at the cell-substrate interface (FS) (Fig. 6(i)).

To satisfy static equilibrium, the following relation must be true:

(4)

Each force can be expressed in terms of spring constants and dimensions as:

(5)

where L0 is the rest length of an element, L is the final elongation of an element, and K = 
EA is the effective spring constant of the element where E is the Young’s modulus of the 

element, and A is the cross sectional of the element. KFA is the effective stiffness of f-actin, 

KMT is the effective stiffness of microtubules and KS is the effective stiffness of the 

substrate.

The rest lengths of the microtubule and of the substrate are independent of a cell’s pre-

stress39, the f-actin rest length (LFAR) is a function of the pre-stress developed by a cell upon 

its adhesion to a substrate40:

(6)

where P is a unitless pre-stress coefficient which we estimated using Engler et al.8 Solving 

equations (5) and (6) gives an expression for the force that f-actin exerts onto the substrate as 

a function of its stiffness:

(7)
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Eq. (8) doesn’t take into account the integrins, which play a crucial role in cell mechanics. 

Li et al. showed that a single integrin-substrate bond has a strength of ~100pN. Once the 

force exerted by the contracting f-actin exceeds this strength, the integrins dissociate from 

the substrate41. Following the approach of Li et al. and He et al.37, we modeled the 

probability of an integrin-substrate bond rupture (PiR) as a function of actin-generated 

tension. We then calculated the cumulative distribution function (CDF) for 4000 integrins 

(Fig. 6(ii)), which literature has shown to be a reasonable average number of integrins per 

μm2 42.

(8)

We incorporated the effects of integrin-substrate bonds rupturing on the effective force 

exerted by f-actin by modeling integrins as sliders that work in series with the actin 

filaments, as shown in Fig. 6(i). Multiplying Eq. (7), which represents the linear relationship 

between actin force and substrate stiffness, by the probability of finding an intact integrin-

substrate bond gives the f-actin activation factor, ηFA:

(9)

ηFA describes the change in f-actin concentration relative to the baseline level of 0, which 

corresponds to the minimum amount of polymerized actin necessary for the cell to remain 

attached to a substrate, to a maximum level of 1, which corresponds to the highest possible 

effective concentration of f-actin in the cell.

Eq. (9) demonstrates that ηFA is related to the probability of integrins dissociating from the 

substrate, which is a function of the force that f-actin exerts (Eq. 8) that is related to the 

substrate stiffness, Ks, as shown in Eq. (8). ηFA was normalized by the maximum force that 

f-actin can exert, which is dictated by the maximum concentration of actin allowed by the 

cell.

Fig. 6(iii) shows a plot of ηFA as a function of the substrate modulus (Es = Ks/A) predicted 

by the model, which reveals a linear increase in actin activation with substrate stiffness up to 

~2MPa where the role of integrin dissociation becomes dominant. The maximum f-actin 

activation occurs at the substrate stiffness of 2.3 MPa where about 20% of the integrin-

substrate bonds have broken (Fig. 6(ii)). As more integrin-substrate bonds dissociate, ηFA 

rapidly decreases back to the baseline level of 0 at the substrate stiffness of 5.2 MPa, where 

virtually 100% of the integrin-substrate bonds have broken and only the baseline integrin-

substrate bonds, essential for the cell-substrate attachment, remain.

The model predicts a specific range of substrate stiffnesses, 0–2.5MPa, where the f-actin 

activation factor rises from 0 to 1 and then rapidly decays back to the baseline level for all 
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higher stiffnesses. In reality, the rise and decay of ηFA would probably be more gradual 

because of the dynamic nature of integrin-substrate bond kinetics. This simple model is not 

able to capture the kinetics of the integrin-substrate bonds and is formulated based on the 

steady state approximation.

To evaluate the credibility of the proposed model, we fabricated an additional material 

system, a polymer skeleton with a tetrakaidecahedral unit cell, pore size U = 25μm, beam 

radius of 0.5 μm coated with an 18-nm-thick TiO2 layer, whose structural stiffness was 

measured to be ~3MPa, i.e. within the range of non-zero ηFA.

We conducted the same fluorescence experiments by growing SAOS-2 cells on the 

nanolattices for 2 days in mineralization media, staining for actin fibers and measuring the f-

actin fluorescence intensity which represents the degree of f-actin activation (see 

supplementary information for more details). Figure 6(iv) shows the experimentally obtained 

f-actin fluorescence data plotted together with the model predictions. It appears that the 

proposed phenomenological framework that is based on coupling the probability of integrins 

dissociating from the substrate to the existing linear elastic models for cell mechanics 

accurately captures the experimental observations in the range of stiffnesses studied, 0.7 to 

100MPa.

5. Discussion

The global need for more effective osteogenic scaffolds has motivated a debate on the 

optimal scaffold specifications, especially about the mechanical properties like scaffold 

stiffness and strength15. At the macroscale, it has been shown that implants with elastic 

moduli on the order of hundreds of GPa cause stress shielding, which hinders long-term 

bone healing6. The fundamental causes of stress shielding likely originate at the microscale 

and remain largely unknown. This work aims to quantify the effects of structural stiffness of 

3-dimensional nano-architected scaffolds on the stress distribution and mineralization 

capability of osteoblast-like cells (SAOS-2).

5.1. Mechanical characterization

A relatively large span of relative densities, 0.14%–12.2%, coupled with a tetrakaidecahedral 

open cellular architecture and different thin film coatings enabled us to fabricate 3-

dimensional scaffolds that spanned more than two orders of magnitude in structural stiffness, 

~0.7–100 MPa. The mechanical behavior of the nanolattices was analyzed via quasi-static 

uniaxial compression experiments, which revealed two distinct deformation behaviors: 

global brittle failure exhibited by composite material systems (B), (C) and (D), and layer-by-

layer collapse exhibited by hollow material system (A). A toe region was present in all 

compressions up to ~3% strain and was likely caused by: (1) a slight initial misalignment 

between the 600μm–diameter compression tip and the 200μm–wide nanolattice and (2) the 

incomplete initial contact caused by the fabrication-induced concavity of the top nanolattice 

surface (see supplementary material, Fig. S5, for more details.) Following the toe region, 

nanolattices made from material system (A) (hollow TiO2 nanolattice with 18nm wall 

thickness) underwent linear elastic loading up to 5% strain and a stress of 12 kPa, followed 

by a series of discrete strain bursts that correspond to the individual beam buckling events, 
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which ultimately led to brittle fracture of the TiO2 beam wall43. The initial strain burst was 

always the most extensive, ~10%, all subsequent strain bursts were ≤ 5%. This is likely a 

result of the substantial accumulation of strain energy in the fully intact sample during 

loading until its release in the first instability/buckling event, after which the weakened 

nanolattice is not capable of sustaining as much strain energy between each layer collapse.

Material system (B) (polymer scaffold coated with 18nm of TiO2) displayed linear-elastic 

behavior up to 3% strain and ~0.3MPa stress. Inelastic deformation commenced at stresses 

higher than ~0.3 MPa, which generated high tensile, so-called “hoop”, stresses in the outer 

TiO2 shell at the nodal connections of the nanolattice and caused brittle fracture of the entire 

beams and nodes and led to catastrophic collapse of the entire nanolattice44,45. Material 

system (C) (polymer-Ti-TiO2) and (D) (polymer-W-TiO2), each containing 26% metal by 

volume, exhibited similar mechanical behavior characterized by an initial linear elastic 

response up to ~5% strain followed by yielding and limited plasticity of the composite 

beams. Global brittle failure occurred at a compressive stress of ~3 MPa for material system 

(C) and at ~8 MPa for material system (D) because the latter is ~1.5 times stiffer. The 

ensuing structural collapse occurred because of inefficient load re-distribution within the 

nanolattice after fracture of the individual nodes and beams, which disabled the nanolattice 

to be capable of carrying the applied compressive load.

5.2 Cell Response: f-actin and vinculin distribution

Physical cues, such as substrate stiffness, are known to affect cellular stress states, which 

activate pathways that control cell behavior10. Studies have shown that stem cell 

differentiation fate has a bell-shaped dependency on substrate stiffness8. For example, stem 

cells grown on compliant 2D substrates (0.1~1kPa) had a higher probability of developing 

into neurons while those grown on stiffer substrates (20~80kPa) had a higher probability of 

becoming bone cells11,12,41,42. The large stiffness range of 0.7–100 MPa exhibited by the 4 

fabricated material systems in this work allowed us to determine the role of the 3D scaffold 

stiffness on osteoblast behavior with regards to stress fibers concentration, cell adhesion, and 

mineral deposition. Fluorescence microscopy data revealed the presence of stress fibers (f-

actin) and focal adhesions in SAOS-2 cells grown in mineralization media for 2 days on all 4 

material systems. By measuring relative fluorescence intensity we observed that f-actin 

expression peaked on the most compliant nanolattices made from the hollow TiO2 (material 

system (A)) and dropped by ~20% with increasing nanolattice stiffness (Fig. 3(iii)). This 

suggests that osteoblasts may be highly sensitive to substrate elasticity within a narrow 

substrate stiffness range of ~0.1–10MPa and virtually insensitive to it at higher stiffnesses. 

We postulate that when cells grow on a nanolattice with an elastic modulus larger than 

~5MPa (Fig. 6(ii, iii)) the f-actin exerts forces that are larger than the tensile strength of the 

integrin-substrate bond, on the order of 100pN which causes its rupture. When this bond 

dissociates, the stiffness felt by the contracting actin filaments rapidly decreases and leads to 

f-actin depolymerization, which manifests itself as a decrease in fluorescence intensity.

Fluorescence results also revealed that the spatial distribution of the actin filaments appears 

to be a function of substrate stiffness. Figure 3(i) shows that the f-actin was uniformly 

distributed on the nanolattices of material system (A) and more confined to the nanolattice 
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beams on nanolattices made from material systems (B), (C) and (D). The excessive number 

of cells present on all nanolattices and the limitations in optical resolution of the instrument 

prevented us from drawing more quantitative conclusions about the spatial distribution of f-

actin on the nanolattices. The relative fluorescence intensity of focal adhesion staining was 

within the error of the measurement for all material systems, which suggests their relative 

equivalence. Vinculin was observed along the nanolattice beams, which appear to provide 

anchor points for cell adhesion (Fig. 3(ii)). These observations may be explained by the 

functional differences between f-actin and focal adhesions. F-actin serves as an active 

mechanical element that constantly pulls on the substrate, its function has been reported to 

be strongly sensitive to substrate stiffness. Focal adhesions are passive mechanical elements 

that function as bridges for cell adhesion to the substrate regardless of its stiffness48. This 

functional difference may explain why the vinculin appears to be more sensitive to the 

availability of free surface area than to the substrate stiffness. All nanolattices in this work 

had a similar surface area available for cell attachment, which could explain the similarity in 

focal adhesion concentrations across material systems. Overlaying f-actin and vinculin 

fluorescence images allowed us to qualitatively observe a high degree of colocalization 

across all material systems (Fig. 3(v)); a signature that was previously observed when cells 

were grown in natural 3D environments derived from living tissues24. This finding suggests 

that the nanolattices used in this study may provide 3D platforms that adequately mimic 

natural microenvironments and elicit a cellular response comparable to that seen in vivo.

5.3 Cell Response: mineralization

After growing SAOS-2 cells on the nanolattices for 8 and 12 days in mineralization media, 

we observed that the scaffolds were fully coated with deposits of minerals and of organic 

matrix. SEM images shown in Fig. 4 reveal the presence of such deposits on all nanolattices 

that had two main morphologies: (1) organic cellular/proteinaceous matrix interspersed with 

~50–100nm-wide filaments, which are consistent with collagen deposited by osteoblasts on 

2D and 3D scaffolds49 (Fig. 4(iii, iv, viii)), and (2) irregularly-shaped ~300–900nm-sized 

mineral aggregates which appear to be evenly distributed among the lattice beams (Fig. 4(v, 

vi); Fig. S3). These smaller formations appear to coalesce into larger, cauliflower-shaped 

aggregates, with dimensions of ~2–15μm. Similar deposits have been observed and 

identified as calcium phosphate species in our earlier work50 (Fig. 4(v, vi, ix)).

Raman spectroscopy of the organic phase reveals the presence of several nucleic acids, fats 

and amino acids specifically proline and hydroxyproline, which are indicative of collagen 

(supplementary information, Fig. S6). Analysis of the larger, cauliflower-shaped deposits, 

indicates the presence of some form of bioapatite, which is the main mineral found in 

mature bone (Fig. 4(vii)). These findings suggest that SAOS-2 cells functionality was 

induced on the nanolattices. EDS analysis showed that the SAOS-2 cells which resided on 

the most compliant nanolattice (material system (A)) exhibited ~40% higher levels of Ca 

and P compared with those on all other scaffolds after growing in mineralization media for 8 

days and ~10% higher after a growth period of 12 days. The relative amounts of Ca and P 

across material systems (B–D) after 8 and 12 days of cell growth remained relatively 

constant. After a cell growth period of 12 days, the difference in Ca and P between material 

system (A) and the other material systems (B–D) was much smaller (~10%) than that 
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observed after 8 days (~40%). These results suggest that: (1) more minerals are secreted 

onto the most compliant substrates and (2) deposition saturates after a certain amount of cell 

growth. The large reduction in the difference between mineral amounts between the most 

compliant system (A) and the other material systems also implies that rate of secretion is 

non-linear.

SEM images and EDS data also convey that the relative amounts of organic matrix 

quantified as the relative intensity of the C signal with respect to Ca and P decreased with 

time.

The intensity of carbon changed from being ~3 times greater than that of Ca and P on day 8 

to approximately the same for all three elements on day 12 across all material systems. 

These results are consistent with the existing in-vivo models that postulate that the 

osteoblasts initially secrete an organic extracellular matrix, predominantly composed of 

collagen, which gets mineralized over time and forms several calcium-phosphate 

compounds.51,52 This finding further suggests that the nanolattices may be able to evoke a 

cellular response similar to that observed in in-vivo studies, which render them a promising 

framework for future implants.

Elastic moduli of ~0.45 to 1MPa are typical of articular cartilage, which is the natural 

precursor of bone in mammals53. The results of this work suggest that utilizing 3D scaffolds 

with elastic moduli in that range may be promising in stimulating more efficient bone 

formation by mimicking embryonic development.

5.4 Concluding Remarks

We TPL to fabricate three-dimensional rigid polymer nanolattices whose strut dimensions 

were on the same order as osteoblasts’ focal adhesions (~2μm) and pore sizes of 25μm. 

Some of these nanolattices were subsequently coated with thin conformal layers of Ti or W, 

and a final outer layer of 18nm-thick TiO2 was deposited on all samples to ensure 

biocompatibility. Nanomechanical experiments on each type of nanolattice revealed their 

stiffnesses to range from ~0.7MPa to 100MPa. Osteoblast-like SAOS-2 cells were seeded on 

each type of nanolattice, and their mechanosensitive response was explored by tracking the 

intracellular f-actin and vinculin concentration after 2 days of cell culture.

Bone-like material that was deposited on the nanolattices by SAOS-2 cells was used as a cell 

functionality marker. Quantification of such deposits was performed via EDS after 8 and 12 

days of cell growth in mineralization media.

These experiments revealed that the most compliant nanolattices, with the stiffness of 0.7 

MPa, had a ~20% higher concentration of intracellular f-actin and ~40% more secreted Ca 

and P compared with all other nanolattices, where such cellular response was virtually 

indistinguishable.

We developed a simple phenomenological model that appears to capture the experimental 

observations. The underlying physical foundation of this model comes from incorporating 

the crucial role that integrins have in cell adhesion into well-established cell mechanics 

models.
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The combination of the experiments and proposed theory suggest that the cell 

mineralization-inducing ability of 3D substrates is very sensitive to their structural stiffness 

and that optimal osteoblast functionality is attained on 3D substrates whose stiffness ranges 

from 0.7 to 3 MPa, similar to that of cartilage. These findings have significant implications 

for understanding the role that 3D scaffold stiffness plays in inducing mineralization and for 

introducing the nanolattices as promising platforms for new synthetic bone graft materials.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1. Design and Fabrication of the Nanolattices
(i) Computer-aided design of the sample showing the four types of nanolattices that were 

tested. All nanolattices had tetrakaidecahedral unit cells of length (U) = 25μm and a beam 

radius (R), which varied from 1 to 1.5μm. The insets show a zoomed-in view of the unit cells 

that comprise each type of nanolattice: (A) hollow with an 18nm-thick TiO2 wall. (B) IP-

Dip-core coated with 18nm-thick layer of TiO2. (C) IP-Dip-core coated with ~250nm-thick 

layer of Ti and 18nm-thick layer of TiO2. (D) IP-Dip-core coated with ~250nm-thick layer 

of W and 18nm-thick layer of TiO2. (ii) Top SEM view of the fabricated samples. (iii) EDS 

map and spectrum that shows the composition of the W and Ti nanolattices (material 

systems C and D). (iv) A zoomed-in side SEM view of the hollow TiO2 nanolattice 

(material system (A)).
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Figure 2. Uniaxial compression experiments
(i) SEM images of representative as-fabricated samples from each material system. The 

circles in the top left corner of each image represent a schematic of the beam cross section 

for each material system (not to scale). (ii) Representative stress-strain response to quasi-

static uniaxial compression of each material system. The inset shows a zoomed-in view of 

the compression of the hollow nanolattice (wall thickness = 18nm TiO2). (iii) SEM images 

of the same samples after compression. All samples from material systems B, C, and D 

underwent brittle failure, the hollow nanolattice (A) (bottom image) experienced localized 

Euler beam buckling and some residual recovery. Scale bars in each SEM image represent 

50μm.
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Figure 3. Fluorescence microscopy images and quantitative analysis
(i) Z-stack projections of confocal images of SAOS-2 cells grown on the nanolattices for 2 

days that show actin filaments stained with Phalloidin and (ii) focal adhesions stained with 

anti-vinculin antibodies; the material system is represented by the schematic circle on top of 

the corresponding nanolattice. Relative amounts of f-actin (iii) and focal adhesions (iv) as a 

function of nanolattice stiffness. Fluorescence data was normalized by the intensity of the 

most compliant material system (A). Horizontal error bars represent standard deviation in 

nanolattice elastic moduli and vertical error bars represent standard error in fluorescence 

measurements. (v) Merging of the red and green channels shows higher levels of co-

localization (yellow) on the nanolattices compared to the surrounding flat substrate.
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Figure 4. SEM images of the SAOS-2 cells’ products after growing for 8 and 12 days in 
mineralization media
(i, ii) Top-down SEM images of the samples after 8 days (i) and 12 days (ii) of growth. 

Circles above the images represent a schematic of the individual beam cross-sections for 

each material system. (iii, iv) Zoomed-in SEM images that reveal large amounts of organic 

material (white arrows) grown on the nanolattice after 8 days. These deposits were found 

across all material systems. (v, vi) Zoomed-in SEM images showing large amounts of 

mineral formations (orange arrows) on the nanolattices after 12 days. These aggregates were 

found across all material systems. (vii) Raman spectroscopy analysis of SAOS-2 products 

after 12 days of growth. Spectra collected from all material systems revealed the presence of 

bioapatite (962 cm−1) and collagen molecules (854 cm−1, 879 cm−1). (viii) SEM image of 

the organic phase that shows the presence of filamentous features with diameters of 75 

± 32nm, consistent with the size of collagen fibrils. (ix) SEM image of a mineral aggregate 

that most probably corresponds to bioapatite.
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Figure 5. EDS spectra and quantification of Ca and P secreted by the SAOS-2 cells
(i, ii) Representative EDS spectra after growing SAOS-2 cells for 8 days (i) and 12 days (ii) 
in mineralization media. (iii–vi) Relative intensity of Ca (iii, iv) and P (v, vi) after 8 days (iii, 
v) and 12 days (iv, vi). (v, vi) Horizontal error bars represent the standard deviation in elastic 

moduli measured over 4 samples and vertical error bars represent the standard error in the 

intensity of Ca and P obtained from EDS spectra of 3 chips per time point. In each plot, Ca 

and P concentrations were normalized by their relative amounts on the most compliant 

material system (A).
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Figure 6. Substrate-dependent f-actin activation model
(i) Model phenomenology: FMT represents the force exerted by microtubules (green), FAF 

represents the force exerted by f-actin filaments (red) and FIT represents the force exerted by 

integrins (black). FS represents the resistive force of the substrate. Microtubules, f-actin and 

the substrate were modeled as elastic solid springs; the integrins were modeled as sliders. (ii) 
Cumulative distribution function (CDF(PiR)) of a cluster of integrins per micron squared as 

a function of substrate elasticity that shows more integrin-substrate bonds breaking as 

stiffness increases. (iii) Model predictions of f-actin concentration change (ηFA) as a 

function of substrate stiffness. (iv) F-actin activation factor, ηFA, as a function of the 

structural stiffness of the substrate. Solid line represents theoretical predictions, open 

diamond symbols represent experimental data.
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Table I

Elastic modulus, E*, and compressive strength, σf, of each material system measured via uniaxial quasi-static 

compression. Error was calculated by taking the standard deviation from 4 data points gathered per material 

system.

System E* (Mpa) σf (Mpa)

A 0.69 ± 0.2 0.019 ± 0.003

B 16.8 ± 0.9 0.45 ± 0.01

C 60.2 ± 7.4 1.78 ± 0.28

D 96.7 ± 6.9 4.53 ± 0.7
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