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ABSTRACT: Protein metabolism, consisting of both synthesis and
degradation, is highly complex, playing an indispensable regulatory
role throughout physiological and pathological processes. Over recent
decades, extensive efforts, using approaches such as autoradiography,
mass spectrometry, and fluorescence microscopy, have been devoted
to the study of protein metabolism. However, noninvasive and global
visualization of protein metabolism has proven to be highly
challenging, especially in live systems. Recently, stimulated Raman
scattering (SRS) microscopy coupled with metabolic labeling of
deuterated amino acids (D-AAs) was demonstrated for use in imaging
newly synthesized proteins in cultured cell lines. Herein, we
significantly generalize this notion to develop a comprehensive
labeling and imaging platform for live visualization of complex protein
metabolism, including synthesis, degradation, and pulse−chase analysis of two temporally defined populations. First, the
deuterium labeling efficiency was optimized, allowing time-lapse imaging of protein synthesis dynamics within individual live cells
with high spatial−temporal resolution. Second, by tracking the methyl group (CH3) distribution attributed to pre-existing
proteins, this platform also enables us to map protein degradation inside live cells. Third, using two subsets of structurally and
spectroscopically distinct D-AAs, we achieved two-color pulse−chase imaging, as demonstrated by observing aggregate formation
of mutant hungtingtin proteins. Finally, going beyond simple cell lines, we demonstrated the imaging ability of protein synthesis
in brain tissues, zebrafish, and mice in vivo. Hence, the presented labeling and imaging platform would be a valuable tool to study
complex protein metabolism with high sensitivity, resolution, and biocompatibility for a broad spectrum of systems ranging from
cells to model animals and possibly to humans.

Proteins are dynamic entities in cells, acting coordinately
through both synthesis and degradation to maintain

cellular functions. Hence, the ability to image protein
metabolism at a global level with subcellular resolution is
extremely useful in revealing the metabolic status of a cell. Such
a technique would enable functional identification of either
subcellular compartments or cell locations within complex
tissues during physiological and pathological processes. For
example, long-term memory formation involves activity-
dependent local protein synthesis in neurons,1,2 whereas
Huntington’s disease often disrupts protein degradation
pathways of the affected cells.3,4 To some extent, it is not the
identities of the proteins that are important, but the complex
spatial distribution and temporal dynamics.
Current methods, including isotope-based analysis and

bioorthogonal chemistry-based fluorescence detection, have
been extensively applied to visualize complex metabolic
dynamics at the proteome level. Traditional autoradiography
using radioactive amino acids provides vigorous analysis for
either protein synthesis or degradation.5,6 However, samples
must be fixed before exposure to films. Stable isotope labeling

by amino acids in cell culture (SILAC) combined with mass
spectrometry offers a quantitative approach for proteomics.7,8

However, it lacks spatial information. Recently developed
multi-isotope imaging mass spectrometry (MIMS) provides the
imaging ability, but it is highly invasive and thereby not
compatible with live systems.9,10 A powerful fluorescence-based
technique named bioorthogonal noncanonical amino acid
tagging (BONCAT) was developed by metabolic incorporation
of unnatural amino acids containing reactive groups, which are
subsequently conjugated to fluorescent tags via click chem-
istry.11−13 A related labeling strategy was demonstrated with an
alkyne analogue of puromycin.14 Unfortunately, these methods
generally require nonphysiological fixation of cells.15−17

We have recently reported a live imaging technique to
visualize nascent proteins by coupling stimulated Raman
scattering (SRS) microscopy with metabolic labeling of
deuterated amino acids (D-AAs) by a cell’s native translational
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machineries.18 The newly synthesized proteins are specifically
detected by SRS through the vibrational signature from
carbon−deuterium bonds (C−D) in the cell-silent spectral
region. This concept is particularly attractive for imaging de
novo protein synthesis at the global level in live systems. On the
labeling side, cells and animals can tolerate a large amount of
deuterium on D-AAs, which introduces minimum perturbation
to protein functions. In fact, experiments using deuterated
water or deuterated drugs have already been carried out on
humans.19−21 On the imaging side, SRS microscopy is a
sensitive and specific optical technique for imaging chemical
bonds. When the energy difference between incident photons
from two lasers (Pump beam and Stokes beam at 867.2 and
1064 nm, respectively) matches the 2133 cm−1 mode of C−D
vibrations, the joint action of Pump and Stokes photons will
efficiently excite a vibrational transition of C−D bonds.
Whenever a molecule is transferred into the vibrational excited
state, the Stokes pulse gains a photon, whereas the Pump pulse
loses one, dictated by energy conservation (Figure 1a). By
detecting the resulting stimulated Raman loss (or gain) of the
Pump beam (or the Stokes beam) in one pixel and then raster
scanning the laser spot across the sample, one can produce a
3D concentration map of the targeted C−D bonds in living cell
and tissues (Figure 1b). Technically, SRS microscopy provides
background-free chemical contrast with linear concentration
dependence, subcellular resolution determined by the optical
diffraction limit (xy resolution of ∼300 nm; z resolution or
depth of field of ∼1000 nm), and intrinsic 3D sectioning that is
suitable for tissue imaging, and the use of near-infrared
wavelength and picosecond excitation pulses minimizes photon
scattering inside turbid samples and potential phototoxic-
ity.22−25

Despite the conceptual novelty, there are several notable
shortcomings in the above proof-of-principle demonstration.
First, only the synthesis aspect of protein metabolism was
probed. Second, neither the D-AA labeling efficiency nor the
SRS imaging instrument was optimized. Third, only cultured
cell lines were demonstrated due to the limited sensitivity.18

In this article, we report a comprehensive labeling and
imaging platform to probe complex protein metabolic dynamics
by fully exploiting the notion of coupling SRS with metabolic
labeling of D-AAs. Three major technical advances are being
implemented together with a series of biological applications on
complex tissues and model animals in vivo (Figure 1). First, we
optimized the chemical composition of the deuterated culture
medium to achieve a much higher deuterium labeling efficiency
and improved imaging sensitivity and speed of our SRS
instrumentation. These optimizations allow us to demonstrate
time-lapse imaging of protein synthesis dynamics within single
live cells. Second, we successfully imaged protein degradation in
live HeLa cells by targeting the Raman peak of the methyl
group (CH3) for pre-existing protein pools and employing a
recently developed linear combination algorithm on measured
SRS images at 2940 and 2845 cm−1 channels. Third, inspired by
the classic pulse−chase analysis of complex protein dynamics,
two-color pulse−chase imaging was accomplished by rationally
dividing D-AAs into two structurally different subsets that
exhibit resolvable vibrational modes, as demonstrated by
tracking aggregate formation of mutant huntingtin (mHtt)
proteins. Finally, going beyond the cellular level to visualizing
more complex tissues and animals in vivo, we imaged the spatial
distribution of newly synthesized proteins inside live brain
tissue slices and in both developmental embryonic zebrafish

and mice (Figure 1). Taken together, these technical advances
and biological applications demonstrate that SRS microscopy
coupled with metabolic labeling of D-AAs is a comprehensive
and generally applicable imaging platform to evaluate complex
protein metabolism with high sensitivity, resolution, and
biocompatibility in a broad spectrum of live cells, tissues, and
animals.

■ RESULTS AND DISCUSSION
Sensitivity Optimization and Time-Lapse Imaging of

de Novo Proteome Synthesis Dynamics. The cell culture
medium reported previously was prepared by supplying a
uniformly deuterium-labeled whole set of amino acids to
commercially available medium that is deficient in leucine,
lysine, and arginine.18 Due to the presence of other regular
amino acids already in the commercial medium, the resulting
partially deuterated medium has only about a 60% deuteration

Figure 1. Imaging complex protein metabolism by stimulated Raman
scattering (SRS) microscopy in live cells, tissues, and animals. (a)
Energy diagram of the SRS process. (b) Cartoon for SRS imaging
following metabolic labeling of deuterated amino acids (D-AAs) in live
organisms (e.g., mice), which are first administered with D-AAs for a
certain period of time and then imaged by SRS to probe protein
metabolism. (c) Spontaneous Raman spectra from HeLa cells
incubated with medium containing either regular amino acids (gray,
dashed) or D-AAs (black, solid) illustrate three distinct ways to probe
complex protein metabolism: imaging newly synthesized proteins by
targeting 2133 cm−1 from carbon−deuterium bonds (C−D), imaging
degradation of pre-existing proteins by targeting the pure methyl
group (CH3) distribution, and two-color pulse−chase protein imaging
by labeling with two subgroups of D-AAs (i.e., groups I and II).
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efficiency. In the present article, we custom-prepared new
media that replace nearly all of the regular amino acids by the
D-AA counterparts (details are given in the Supporting
Information). As shown in the spontaneous Raman spectra
(Figure 2a), the optimized medium (red spectrum) displays a
50% signal increase compared with that of the partially
deuterated medium (blue spectrum). Indeed, SRS images
targeting the C−D vibrational peak at 2133 cm−1 confirms a
50% average intensity boost in live HeLa cells (Figure 2b). The
use of optimized D-AA medium now leads to an about 8 times
higher signal than that when using a single leucine-d10 (Figure
2a, red vs black spectrum). In addition to improving the
labeling strategy, nontrivial instrumentation optimizations were
also carried out to further improve SRS detection sensitivity
and acquisition speed, including increasing the laser output and
microscope system’s throughput for near-IR wavelengths,
replacing the acousto-optic modulator (AOM) with an
electro-optic modulator (EOM) for a 30% higher modulation
depth, and employing a high-speed lock-in amplifier for faster
image acquisition.
With much-improved sensitivity, protein synthesis can now

be imaged with superb spatial and temporal resolution.
Spatially, we visualized newly synthezied proteins from fine
structures (likely dendritic spines, indicated by arrow heads) of
live neurons (Figure 2c). Temporally, we could readily image
newly synthesized proteins in live HeLa cells in less than a 1 h
incubation with the optimized deuteration medium (Figure
2d). A control image of cells in the presence of protein
synthesis inhibitors displays only vague and homogeneous cell
outlines, which, presumably, come from the free D-AA pool
(submillimolar concentration, much more dilute than the
metabolically enriched pool in the protein-bound form).18,26

Moreover, using a fast lock-in amplifier (details are given in
Methods), our current imaging speed can be as fast as 3 s per
frame (512 × 512 pixels), nearly 10 times faster than before,
which enables time-lapse imaging in live cells with minimum
phototoxicity to cell viabilities. Figure 2e presents time-lapse
SRS imaging of the same set of live HeLa cells gradually
synthesizing new proteins over time from a 10 min to 5 h
incubation in optimized D-AA medium. The obvious
observation of cell migration and division prove the viability
of the cells, supporting the high biocompatibility of our
technique. To our knowledge, this is the first time that long-

term time-lapse imaging of proteome synthesis dynamics has
been demonstrated on single live mamamian cells.

SRS Imaging of Protein Degradation in Live HeLa
Cells. Besides imaging protein synthesis, our labeing and
imaging platform offers the ability to probe protein degradation
simultanously. Experimentally, we intend to probe the pre-
existing protein pool by targeting CH3, which shows a strong
peak at 2940 cm−1, as newly synthesized proteins will be mostly
carrying C−D peaked around 2133 cm−1. However, the 2940
cm−1 CH3 protein channel is known to suffer from undesired
crosstalk from the CH2 lipid signal that peaks at 2845 cm−1.25

To obtain a clean protein component, we adopted two-color
SRS imaging at both the 2940 and 2845 cm−1 channels
followed by a linear combination algorithm that has been

Figure 2. High-sensitivity SRS imaging of newly synthesized proteins in live cells after labeling and instrumentation optimization. (a) Spontaneous
Raman spectrum of C−D peaks in HeLa cells incubated in optimized deuteration medium (red) displays a 50% increase when compared to that in
the previously reported partial deuteration medium (blue) and is about 8 times higher than that using leucine-d10 (black) only. Each spectrum is
averaged over 5−10 cells. (b) SRS images of newly synthesized proteins in live HeLa cells confirm a 50% average signal increase. (c) SRS images of
newly synthesized proteins in live neurons in optimized deuteration medium for 20 h. The zoomed-in image highlights the fine dendritic structures
(likely dendritic spines, arrow-headed). (d) SRS image of newly synthesized proteins in live HeLa cells with 1 h incubation of optimized deuteration
medium. A control image with protein synthesis inhibition is deprived of most of the signal. (e) Time-lapse SRS images of protein synthesis
dynamics in a same set of live HeLa cells with continuous incubation in optimized deuteration medium. Scale bar, 10 μm.

Figure 3. Time-dependent SRS imaging of protein degradation in live
HeLa cells. (a) Adopting a linear combination algorithm between the
2940 and 2845 cm−1 channels, the obtained SRS images, exclusively
from CH3 vibration, display a gradual degradation of pre-existing
proteins in live HeLa cells cultured in optimized deuteration medium
for 0, 24, 48, and 96 h. (b) SRS images exclusively from CH2 vibration
display the total lipid distribution at the corresponding time point. (c)
Single exponential decay fitting from averaged cellular image
intensities of pre-existing proteins in panel a, yielding a protein
degradation time constant of 45 ± 4 h. Error bars, standard deviation.
Scale bar, 10 μm.
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effectively applied in cells, tissues, and animals.27−29 The
subsequently obtained images show the pure distribution of old
protein pools (exclusively from CH3) and the distribution of
lipids (exclusively from CH2), respectively. Hence, protein
degradation could be tracked by imaging the old protein
distributions over time when cells are growing in D-AA
medium.
Figure 3a shows time-dependent SRS images of old protein

distributions (CH3) in live HeLa cells when incubated with D-
AAs from 0 to 96 h. Clearly, the old protein pool is degrading,
as shown by the decay of its average intensity. In contrast, the
total lipid images display no obvious intensity change (Figure
3b). In addition, the spatial patterns of old proteins (Figure 3a)
reveal a faster decay in the nucleoli than that in the cytoplasm.
This observation is consistent with the fact that neucleoli have
active protein turnover30 and also with our previous report that
C−D labeled newly synthesized proteins are more prominent
in nucleoli.18 Single exponential decay fitting of the average
intensities in Figure 3a yields a decay time constant of 45 ± 4 h
(Figure 3c), corresponding to a proteome half-life of 31 ± 3 h,
which is very close to that reported by mass spectrometry (35
h).31 Therefore, our imaging platform is capable of observing
both protein synthesis and degradation by imaging the C−D
channel and CH3 channel, respectively, thus capturing
proteomic metabolism dynamics in full-scope.

Two-Color Pulse−Chase SRS Imaging of Two Sets of
Temporally Defined Proteins. Inspried by the popular
pulse−chase analysis employed in classic autoradiography
techniques and recent two-color BONCAT imaging,32 we
aimed to exploit another dimension of probing dynamic protein
metabolism with two-color pulse−chase imaging of proteins
labeled at different times. To do so, we need to rationally divide
total D-AAs into two subsets with distinct Raman spectra. We
reasoned that Raman peaks of C−D stretching are closely
related to their chemical environments; thus, the structural
difference between D-AAs should lead to diverse Raman peak
positions and shapes. We then examined the spontanesous
Raman spectra of each D-AA sequentially and subsequently
identified two subgroups. Group I contains three amino acids,
leuine-d10, isoleucine-d10, and valine-d8, structurally known as
branched-chain amino acids (Figure 4a). All members of group
I exhibit multiple distinct Raman peaks, with the first one being
around 2067 cm−1. The rest of the D-AAs without branched
chains are then categorized into group II, all of which show a
prominent Raman peak around 2133 cm−1 (three examples are
shown in Figure 4b). To test this inside cells, Raman spectra of
HeLa cells cultured in either group I D-AA medium only
(green) or group II D-AA medium only (red) are shown in
Figure 4c. On the basis of the spectra, we chose to acquire two-
color narrow-band SRS images at 2067 and 2133 cm−1. By

Figure 4. Two-color pulse−chase SRS imaging of two distinct sets of temporally defined proteins. (a) Structures and spontaneous Raman spectra of
group I D-AAs (i.e., the branched-chain amino acids). (b) Structures and spontaneous Raman spectra of three examples of group II nonbranched D-
AAs. (c) Spontaneous Raman spectra of HeLa cells cultured with group I D-AAs (green), showing multiple peaks, with the first being around 2067
cm−1, and with group II D-AAs (red), showing a common peak around 2133 cm−1. (d) Two-color pulse−chase imaging by sequential labeling of
group II and group I D-AAs in time with simultaneous expression of mutant huntingtin (mHtt94Q-mEos2) proteins. The cartoon displays the
experimental timeline of plasmid transfection and D-AA medium exchanges. The fluorescence image (overlaid with the bright-field image) indicates
the formation of a large aggregate (arrow head) of mHtt94Q-mEos2. The retrieved signals from a linear combination of the original images from the
2067 and 2133 cm−1 channels display a large aggregation of mHtt proteins labeled solely by group II D-AAs during the first 22 h (red, pulse) and
mHtt proteins labeled only by group I D-AAs during the following 20 h (green, chase). The merged image, as well as the intensity profile, from the
pulsed (red) and chased (green) images confirms this with its yellow core and green shell. Scale bar, 10 μm.
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constructing and utilizing a linear combination algorithm
(Supplementary Figure 1), similar to the one used for CH3

and CH2 above, pure signals of proteins labeled by group I D-
AAs and by group II D-AAs can be successfully separated and
quantitatively visualized. Note that hyperspectral imaging
approaches using broadband femtosecond lasers might also
work here.33−35

We now chose the mutant huntingtin (mHtt) protein in
Huntington’s disease as our model system for the pulse−chase
imaging demonstration. It is believed that Huntington’s disease
is caused by a mutation from a normal huntingtin gene to a
mHtt gene expressing aggregation-prone mHtt proteins with
polyglutamine (polyQ) expansion.3 For easy visualization by
fluorescence, we tagged mHtt (with 94Q) with a fluorescent
protein marker, mEos2. As illustrated by the cartoon in Figure
4d, HeLa cells were first transfected with mHtt94Q-mEos2
plasmid in regular medium for 4 h, which was then replaced
with group II D-AA medium for 22 h before changing to group
I D-AA medium for another 20 h. SRS images are acquired in
the 2067 and 2133 cm−1 channels, respectively, and
subsequently processed with linear combination.
A fluorescence image overlaid with a bright-field image

demonstrates the formation of a large aggregate triggered by
aggregation-prone polyQ expansion in mHtt94Q-mEos2
(Figure 4d, fluorescence). Interestingly, proteins labeled with
group II D-AAs during the initial pulse period concentrate
mainly within the core of the aggregate (Figure 4d, red),
whereas proteins labeled with group I D-AAs during the
subsequent chase period occupy the entire volume of the
aggregate (Figure 4d, green). The merged image between

group I and group II images, as well as the intensity profiles
across the aggregate, further confirm the observation of a
yellow core inside and a green shell outside (Figure 4d,
merged). This two-color pulse−chase result suggests that the
core is aggregated earlier in time and that the later produced
mHtt proteins are then recruited to and percolate through the
aggregate to increases its overall size, in agreement with
recently reported results by fluorescence.36 The demonstration
here thus illustrates that our imaging platform using the two
subgroups of D-AAs is readily applicable for performing pulse−
chase imaging to probe the complex and dynamic aspects of
proteome metabolism.

SRS Imaging of Newly Synthesized Proteins in Live
Mouse Brain Tissues. Going above the cellular level, we now
apply our imaging platform to a more complex level,
organotypical brain tissues. In our study, we focus on the
hippocampus because it is the key region in brains that involves
extensive protein synthesis.5,37 As expected, active protein
synthesis is found in the hippocampal region, particularly in the
dentate gyrus, which is known for its significant role in both
long-term memory formation and adult neurogenesis.37 An SRS
image at 2133 cm−1 (Figure 5a, C−D) of a live mouse
organotypic brain slice cultured in D-AA medium for 30 h
reveals active protein synthesis from both the soma and
neurites of individual neurons in the dentate gyrus. In addition,
the old protein (CH3) and total lipid (CH2) images are
presented silmultaneously for multichannel analysis (Figure
5a).
In order to investigate spatial pattern of protein synthesis on

a larger scale, we imaged the entire brain slice by acquiring

Figure 5. SRS imaging of live mouse brain tissues identifying the locations of active protein synthesis. (a) SRS images of the dentate gyrus of a live
organotypic brain slice (400 μm thick, from a P10 mouse) after culturing in D-AA medium for 30 h. The 2133 cm−1 (C−D) image presents the
distribution of newly synthesized proteins. The CH3 and CH2 images show the old protein pool and total lipid, respectively. (b) A 4 × 3 mm2 large-
field view overlay image of new proteins (C−D, green), old proteins (CH3, red), and total lipids (CH2, blue) for a brain slice (400 μm thick, from a
P12 mouse) cultured in D-AA medium for 30 h. Scale bar, 100 μm.
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large-area image mosaics. A 4 × 3 mm2 image (Figure 5b) of
another organotypic slice displays an overlaid pattern from new
proteins (2133 cm−1, green), old proteins (CH3, red), and
lipids (CH2, blue). Intriguing spatial variation is observed: while
the distribution of old proteins is relatively homogeneous
across the field of view, newly synthesized proteins are either
concentrated in the dentate gyrus or scattered within individual
neurons throughout the cortex, suggesting high activity in these
two regions. Thus, we have demonstrated the ability to directly
image protein synthesis dynamics on living brain tissues with
subcellular resolution and multichannel analysis, which was
difficult to achieve with other existing methods.38 The intricate
relationship between protein synthesis and neuronal plasticity39

is currently under investigation on this platform.
SRS Imaging of Newly Synthesized Proteins in Vivo.

One prominent advantage of our labeling strategy is its
nontoxicity and minimal invasiveness to animals. We thus move
up to the physiological level to image protein metabolism in
embryonic zebrafish and mice. Zebrafish are popular model
organisms due to their well-understood genetics and trans-
parent embryos, amenable to optical imaging.40 We injected 1
nL of D-AA solution into zebrafish embryos at the 1-cell stage
(150 ng of D-AAs per embryo) and then allowed them to
develop normally for 24 h (Figure 6a, bright field) before
imaging the whole animal. We found a high signal of newly
synthesized proteins (Figure 6a, 2133 cm−1) in the somites at
the embryonic zebrafish tail, consistent with the earlier
BONCAT result.41 The spatial pattern of this signal appears
to be similar to that of the old protein distribution (Figure 6a,
CH3), but it is almost complementary to the lipid distribution
(Figure 6a, CH2).
Finally, we demonstrate this approach on mammals (mice).

We administered drinking water containing D-AAs to 3 week
old mice for 12 days and then harvested their liver and intestine
tissues for subsequent imaging. No toxicity was observed for
the fed mice. SRS images from both live liver tissues (Figure
6b) and live intestine tissues (Figure 6c) illustrate the
distributions of newly synthesized proteins (2133 cm−1, C−
D) during the feeding period, which resembled the total protein
distribution (1655 cm−1, amide I). On a faster incoporation
time scale, live liver and intestine tissues obtained after
intraperitoneal injection of D-AAs into mice for 36 h reveal
spatial patterns (Supplemental Figure 3) similar to those of the

feeding results above as well as the click chemistry-based
fluorescence staining.14 All of these results are in support of our
imaging platform being a highly suitable technique for in vivo
interrogation.

Conclusions. The ability to probe complex proteome
metabolism with high sensitivity, resolution, and biocompati-
bility will help us to gain deep insight into protein metabolic
regulation in biological systems under healthy and diseased
conditions. We have thus presented such a platform by
coupling SRS imaging with metabolic labeling of D-AAs. First,
we achieved optimized labeling and imaging of de novo protein
sythesis in live cancer cells and neurons as well as time-lapse
dynamic imaging with much improved spatial−temporal
resolution than that in our previous demonstration. Then, we
developed new experimental approaches to image protein
degradation and temporally distinct protein populations in live
cells. Thus, we have generalized the utility of this approach
from the previous imaging of protein synthesis only to
including protein degradation and complex two-color pulse−
chase dynamics. Finally, we extended the use of this approach
from the cellular level to the more complex tissue level and all
of the way to in vivo animal visualization.
Technically, compared to existing methods for probing

proteomes such as BONCAT, SILAC, and MIMS, our
technique is mostly superior in its biocompatibility, thanks to
the unique coupling of stable isotope labeling with SRS
imaging, which also brings significant advantages in terms of
specific utilities of the platform. The bioorthognality of C−D
together with the background-free nature of SRS microscopy
render protein synthesis detection to be highly sensitive and
selective; for protein degradation, the linear concentration
dependence and the Raman spectral fidelity of SRS allow
quantitative retrieval of the pure CH2 and CH3 signals; for two-
color imaging, the narrow-band SRS excitation using pico-
second pulses permits the rich spectral diversity of D-AAs to be
exploited for coding distinct protein populations. All of these
technical advantages are difficult to achieve by coherent anti-
stokes Raman scattering (CARS), which is known for its
nonresonant background, nonlinear dependence on analyte
concentrations, and severe spectral distortion.25

Biologically, the presented platform will pave the way for
interogating a broad range of complex systems, such as
memory-related protein systhesis in hippocampal brain tissues,

Figure 6. SRS imaging for newly synthesized proteins in vivo. (a) SRS images of a 24 hpf (hpf, hours post fertilization) zebrafish. Wild-type zebrafish
embryos were injected at the 1-cell stage with 1 nL of D-AA solution and allowed to develop normally for another 24 h before imaging. The bright-
field image shows the gross morphology of embryonic zebrafish at 24 hpf (dashed boxes). The 2133 cm−1 (C−D) image presents the distribution of
newly synthesized proteins (Supplemental Figure 2a) in the somites of an embryonic zebrafish tail. The CH3 image shows the old protein pool,
whereas the CH2 image depicts total lipid in the same fish. (b, c) SRS images of live mouse liver (b) and intestine (c) tissues harvested from mice
after being administered with D-AA-containing drinking water for 12 days. The 2133 cm−1 (C−D) channel shows newly synthesized proteins
(Supplemental Figure 2b,c) that resemble the distribution of total protein as that shown in the 1655 cm−1 image (amide I). Scale bar, 10 μm.
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protein aggregation and degradation in neurodegenerative
diseases, and protein metabolism in animal disease models.
Furthermore, considering that stable isotope labeling and SRS
imaging are both compatible with live humans,42 we envision
that the prospects are bright for applying this platform to
performing diagnostic and theraputic imaging in humans.

■ METHODS
Stimulated Raman Scattering Microscopy. Spatially and

temporally overlapped pulsed Pump (tunable from 720 to 990 nm,
5−6 ps, 80 MHz repetition rate) and Stokes (1064 nm, 6 ps, 80 MHz
repetition rate, modulated at 8 MHz) beams, which are provided by a
custom-modified picoEMERALD system from Applied Physics &
Electronics, Inc., are coupled into an inverted laser-scanning
microscope (FV1200 MPE, Olympus) optimized for near-IR
throughput. A 60× water objective (UPlanAPO/IR, 1.2 N.A.,
Olympus) is used for all cell imaging, and a 25× water objective
(XLPlan N, 1.05 N.A., MP, Olympus) with both a high near-IR
transmission and a large field of view is used for brain tissue and in vivo
imaging. After passing through the sample, the forward-going Pump
and Stokes beams are collected in transmission by a high N.A. oil
condenser. A high O.D. bandpass filter (890/220, Chroma) is used to
block the Stokes beam completely and to transmit the Pump beam
only onto a large area Si photodiode for the detection of the
stimulated Raman loss signal. The output current from the photodiode
is terminated, filtered, and demodulated by a lock-in amplifier at 8
MHz to ensure shot-noise-limited detection sensitivity. (Details are
given in the Supporting Information.)
Metabolic Incorporation of Deuterated Amino Acids. For

HeLa cells, cells were seeded on a coverslip in a Petri dish with 2 mL
of regular medium for 20 h, which was then replaced with D-AA
medium (or group I and group II D-AA media) for the designated
amount of time. The coverslip was taken out to make an imaging
chamber filled with PBS for SRS imaging. For hippocampal neurons,
the dissociated neurons from newborn mice were seeded for 10 days in
regular Neurobasal A medium, which was then replaced with the
corresponding D-AA medium for the designated amount of time
before imaging. For organotypic brain slices, 400 μm thick, P10 mouse
brain slices were cultured on Millicell-CM inserts (PICM03050,
Millipore) in 1 mL of CD-MEM culture medium for 2 h, which was
then changed to 1 mL of CD-neurobasal A culture medium for
another 28 h before imaging. For a detailed recipe of D-AA media and
the in vivo labeling procedure in zebrafish and mice, see the Supporting
Information. The experimental protocols for in vivo mice experiments
(AC-AAAG2702) and zebrafish experiments (AC-AAAD6300) were
approved by the Institutional Animal Care and Use Committee at
Columbia University.
Spontaneous Raman spectroscopy. The spontaneous Raman

spectra were acquired using a laser Raman spectrometer (inVia Raman
microscope, Ranishaw) at room temperature. A 27 mW (after
objective), 532 nm diode laser was used to excite the sample through
a 50×, N.A. 0.75 objective (NPLAN EPI, Leica). The total data
acquisition was performed during 60 s using WiRE software. All of the
spontaneous Raman spectra subtracted the PBS solution as back-
ground.
Image Progressing. Images were acquired with FluoView

scanning software and assigned color or overlaid by ImageJ. Linear
combination was processed with MATLAB. Graphs were assembled
with Adobe Illustrator.
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is available free of charge via the Internet at http://pubs.acs.org.
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